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Introduction to Comprehensive Developmental Neuroscience

It is broadly accepted that understanding the genetic, molecular, and cellular mechanisms of neural development is essential for understanding evolution and disorders of neural systems. Recent advances in genetic, molecular, and cell biological methods have generated a massive increase in new information. By contrast, there is a paucity of comprehensive and up-to-date syntheses, references, and historical perspectives on this important subject. Therefore, we embarked on the formidable task of assembling a novel resource entitled ‘Comprehensive Developmental Neuroscience.’ We hope that the books in this series will serve as valuable references for basic and translational neuroscientists, clinicians, and students.

To help with this enormous task, we invited leading experts in various subfields to select the subjects and invite appropriate authors. We were gratified by the number of busy scientists who accepted the invitation to write their articles. All the chapters have been peer reviewed by the Section Editors to ensure accuracy, thoroughness, and scholarship.

In the resulting three volumes, we cover a broad array of subjects on neural development. We organized the volumes chronologically according to the ordered steps in neural development. In addition, each volume is subdivided into three to four sections, each edited by world experts in these areas. The sections have 10–20 chapters that are written and illustrated by leading scientists.

This Volume in the series has 56 chapters devoted to migration (cell and axonal), the formation of neuronal connections, and the maturation of neural functions. This volume is subdivided into four sections. The first is on mechanisms that control the formation of axons and dendrites. The second is on the mechanisms that regulate cell migration that disperses specific subtypes of cells along highly defined pathways to specific destinations. The third section is on the regulation of synapse formation and maintenance during development; in addition, it has chapters on synaptogenesis in the mature nervous system in response to neurogenesis, neural activity, and neural trauma. The final section is on the developmental sequences that regulate neural activity, from cell-intrinsic maturation to early correlated patterns of activity.

Volume 1 in the series has 48 chapters devoted mainly to patterning and cell type specification in the developing central and peripheral nervous systems (CNS and PNS). This volume is subdivided into three sections. The first is on the mechanisms that control regional specification, which generate subdivisions of the nervous system. The second is on mechanisms that regulate the proliferation of neuronal progenitors and that control differentiation and survival of specific neuronal subtypes. The third section addresses the mechanisms controlling development of non-neural cells: astrocytes, oligodendroyctes, Schwann cells, microglia, meninges, blood vessels, ependyma, and choroid plexus.

Volume 3 in the series has 40 chapters devoted to the anatomical and functional development of neural circuits and neural systems, as well as chapters that address neurodevelopmental disorders in humans and experimental organisms. This volume is subdivided into three sections. The first is on the mechanisms that control the assembly of neural circuits in specific regions of the nervous system, and as a function of neural activity and critical periods. The second section concentrates on multiple aspects of cognitive development, particularly in humans. The final section addresses disorders of the nervous system that arise through defects in neural development, building on the principles that are addressed in earlier sections of the book.

John L.R. Rubenstein

Pasko Rakic
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Chapter 1
Development of Neuronal Polarity In Vivo
F. Polleux,    The Scripps Research Institute, La Jolla, CA, USA
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1.1 Introduction

The ability of neurons to form a single axon and multiple dendrites underlies the directional flow of information transfer in the central nervous system (CNS). Dendrites and axons are molecularly and functionally distinct domains. Dendrites integrate synaptic inputs, triggering the generation of action potentials at the level of the soma. Action potentials then propagate along the axon that makes presynaptic contacts onto target cells. This chapter reviews what is known about the cellular and molecular mechanisms underlying the ability of neurons to polarize and form a single axon and multiple dendrites during development. This question has received much attention over the past three decades using mainly in vitro approaches, where neurons from distinct parts of the developing mammalian brain can be dissociated and cultured to get single cell resolution. Remarkably, neurons can polarize to form a single axon and multiple dendrites, and later establish functional synaptic contacts in these reductionist conditions. This approach became, and remains, the dominant model to study axon initiation and growth and has yielded the identification of many molecules that regulate axon formation in vitro. At present, only a few of the genes identified using in vitro approaches have been shown to be required for axon initiation and outgrowth in vivo. In vitro axon initiation and elongation is thought to reflect the intrinsic ability of neurons to polarize in the absence of relevant extracellular cues. However, extracellular cues have been shown to play an important role during neuronal polarization in vivo. In this chapter, we focus on our current understanding of the complex interplay between extracellular cues and intracellular signaling pathways underlying the emergence of axon and dendrite during neuronal polarization in vivo.



1.2 Axon Initiation In Vitro Versus In Vivo


1.2.1 Axon Initiation In Vitro

Historically, the advent of in vitro dissociated neuronal cultures provided an experimental template for improving our understanding of the cell biology of neuronal polarity, including the specification of the molecular identity of axon and dendrite. Pioneering work using these cultures established a paradigm in which isolated neurons in culture can adopt spatially and functionally distinct dendritic and axonal domains (Craig and Banker, 1994; Goslin and Banker, 1989). Careful analysis of these cultures led to the observation that cultured hippocampal neurons transition through several stages, from freshly plated stage 1 cells bearing immature neurites to stage 5 cells that exhibit mature axons, dendrites, dendritic spines, and functional synapses (Craig and Banker, 1994; Dotti et al., 1988). It should be noted that in the classical E18 rat hippocampal cultures, most plated cells were polarized postmitotic neurons before dissociation; therefore, neuronal polarization using this in vitro model likely corresponds to the repolarization of previously polarized neurons in vivo. It is therefore important to keep in mind that molecular manipulations in this in vitro model act on previously polarized neurons that may retain some aspects of polarization, which can be critical for interpreting the results. Recent advances in the techniques allowing the manipulation of gene expression more specifically in neural progenitors, such as in utero or ex utero cortical electroporation (Hand et al., 2005; Hatanaka and Murakami, 2002; Saito and Nakatsuji, 2001; Tabata and Nakajima, 2001), provide a paradigm to (a) manipulate gene expression in progenitors, that is, before neuronal polarization occurs upon cell cycle exit and (b) visualize the earliest stages of neuronal polarization in a contextual cellular environment, that is, in organotypic slices or intact embryonic brain (Barnes et al., 2007; Calderon de Anda et al., 2008; Hand et al., 2005).



1.2.2 Axon Initiation In Vivo

Neuronal polarization can be divided into several specific steps in vivo. On cell cycle exit, mammalian neurons usually migrate over a long distance before reaching their final destination. In vivo, most neurons undergo axon–dendrite polarization during migration. While migrating, neocortical pyramidal neurons (PN) form a leading process and a trailing process, each becoming the axon or the dendrite (Figure 1.1). Careful examination of the morphological transition between neural progenitors and postmitotic neurons reveals that neurons can inherit their axon and dendrite polarity directly from the apicobasal polarity of their progenitors. This is the case for retinal ganglion cells and bipolar cells in the developing vertebrate retina (Hinds and Hinds, 1978; Morgan et al., 2006; Zolessi et al., 2006, reviewed in Barnes and Polleux, 2009). In other neuronal subpopulations undergoing long-range migration, neuronal morphogenesis undergoes extensive stereotypical changes, leading to polarized outgrowth of their axon and dendrites. This is the case for cerebellar granule neurons (CGN) as well as cortical and hippocampal PN, two of the best-studied models of neuronal polarization (Gao and Hatten, 1993; Hatanaka and Murakami, 2002; Komuro et al., 2001; Noctor et al., 2004; Rakic, 1971, 1972; Shoukimas and Hinds, 1978). Both CGN and PN acquire their axon–dendrite polarity from the polarized emergence of their trailing and leading processes, respectively, during migration (reviewed in Barnes and Polleux 2009). Precise examination of the process dynamics occurring shortly after cell cycle exit in dorsal telencephalic progenitors suggest that there is often a slight delay between the trailing process formation (axon initiation), which frequently precedes leading process formation (Calderon de Anda et al., 2008; Hand and Polleux, 2011). However, one thing is clear for both PN and CGN: axon formation starts before or during radial migration. Interestingly, different neuronal populations display distinct modes of axon formation, which reflect their mode of migration, lineage, and type of axon projection. For example, cortical interneurons, which will form axons projecting only locally within the cortex, originate from the ventral telencephalon and have to migrate over very long distances before initiating their axon after reaching their final destination in the cortex (Bortone and Polleux, 2009; Cobos et al., 2007; Yamasaki et al., 2010). Even though the precise mechanisms underlying the emergence of the axon of cortical interneurons are currently unknown, the striking difference with radially migrating pyramidal cortical neurons, which initiate axon formation during migration, leads to the hypothesis that their ability to form an axon is inhibited during tangential migration and/or that axon initiation in cortical interneurons depends on factor(s) present only in their final environment, the cortex.
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Figure 1.1 Axon development in the neocortical pyramidal neurons. (a) During mouse corticogenesis, from embryonic day E11 to P1, neuronal polarization occurs rapidly on cell cycle exit (see more details in Figure 1.2) when neurons (green) transition from a multipolar morphology to a bipolar morphology by forming a leading process (future apical dendrite), which drives radial migration and a trailing process, which becomes the axon. Once neurons reach their final position, they undergo extensive dendritic branching. (b) At early postnatal stages (P1–P7), the axon of pyramidal neurons are guided either laterally (for corticofugal projections of layer 5/6) or medially (for callosal projection of layer 2/3 and 5). (c) On reaching their final target, axons undergo extensive, layer-specific branching concomitant with synaptogenesis. For example, callosal axons branch both ipsilaterally and contralaterally in layer 5 and layer 2/3 (green axons).



As discussed later in the chapter, an emerging concept from recent work done primarily in C. elegans suggests that in vivo, the ‘symmetry-breaking’ events that lead to the emergence of the dendrite and the axon require the ability of postmitotic neurons to sense gradients of extracellular cues, leading to the asymmetric activation of signaling pathways underlying the emergence of the axon. This data is supported by recent evidence in mammals showing that extracellular cues such as TGFß plays a role in axon specification in vivo by triggering noncanonical Par6-dependent signaling downstream of TGFß-receptor activation (Yi et al., 2010).




1.3 Distinction Between Cues Regulating Axon Specification Versus Axon Growth

Most studies published over the past two decades in this field have been performed using in vitro approaches. The classic paradigm for confirming the regulatory role of a gene in neuronal polarity is to show that downregulation of its expression using shRNA technology or gene knockout technology is required for axon formation. These experiments are typically done using both staining with axon-specific makers and measurement of neurite length because the axon usually grows 5–10 times faster than do neurites becoming dendrites. However, this type of evidence may not be sufficient to distinguish unambiguously an effector of axon specification from a molecule simply required for axon growth (Jiang et al., 2005). Conversely, showing that overexpression or overactivation of a candidate molecule leads to the emergence of multiple neurites, displaying the molecular identity of an axon is generally used to suggest that this molecule is sufficient to confer axon identity. However, this approach is limited by the fact that it relies on overexpression, which can be complicated by abnormal activation of a pathway normally not involved in axon specification or neuronal polarity. Recent technical advances allow the manipulation of gene expression in vivo by in utero cortical electroporation in rodent cortex or cerebellum (Famulski et al., 2010; Saito and Nakatsuji, 2001) or transgenic approaches in Xenopus (Zolessi et al., 2006). Therefore, a more biologically relevant validation of the function of a candidate gene during neuronal polarization often includes testing its requirement using gene knockout or shRNA-mediated knockdown technologies or the analysis of conventional or conditional knockout in combination with in utero electroporation allowing single cell resolution analysis of axon formation (Barnes et al., 2007; Shelly et al., 2007; Yi et al., 2010).



1.4 Extracellular Cues Regulating Neuronal Polarization and Axon Initiation


1.4.1 Netrin-1 and Wnt Control Axon Initiation in C. elegans

Is there any in vivo evidence for the role of extracellular cues in the specification of neuronal polarity? Important progress in our understanding of the molecular and cellular mechanisms specifying axon initiation during neuronal polarization has been made using the C. elegans model. This pioneering work has markedly enhanced our understanding of how extracellular cues instruct axon initiation in vivo. The neurons of the nematode have a stereotyped morphology, for example, specific projections along the dorsoventral and anterior–posterior body axes. Elegant experiments have identified an extracellular cue, UNC-6 (Netrin), along with its receptor UNC-40 (DCC), as a critical gene orchestrating axon initiation in vivo (Adler et al., 2006). This work also identified downstream proteins in this pathway, including (mammalian orthologs are shown in parenthesis when established) AGE-1 (phosphoinositide-3 kinase – PI3K), DAF-18 (PTEN), UNC-34 (Enabled), CED-10 (Rac), UNC-115/AbLIM, and MIG-10/lamellipodin. The current model for the relationship between these genes and UNC-6/netrin signaling involves DAF-18’s limitation of AGE-1 activity following UNC-40/DCC stimulation and the asymmetric recruitment of MIG-10/lamellipodin to the plasma membrane. This recruitment requires activated CED-10/Rac direct binding to MIG-10/lamellipodin and the involvement of the PAK-like kinase, Pak-1 (Adler et al., 2006). The involvement of a kinase in cytoskeletal rearrangement is consistent with the similar role of MIG-10/lamellipodin and the likely mechanism under which it operates once recruited to the plasma membrane to stimulate directed neurite outgrowth. Another regulator thought to act in concert to drive filopodial formation with MIG-10/lamellipodin is the Enabled homolog, UNC-34 (Chang et al., 2006). Finally, SLT-1 (Slit) is another extracellular cue that likely acts through MIG-10 recruitment (Chang et al., 2006) to control neuronal polarization.

Two other studies have identified the diffusible signal Wnt and its receptor as critical regulators of axon specification and neuronal polarity (Hilliard and Bargmann, 2006; Prasad and Clark, 2006). In addition to identifying loss of function for Lin-44 (Wnt) and its receptor Lin-17 (Frizzled – Fzl), one of the screens identified VPS-35, a component of retromer complex that regulates vesicular traffic and is required for proper Wnt secretion (Pan et al., 2008; Prasad and Clark, 2006).



1.4.2 Polarized Emergence of the Axon in Retinal Ganglion Cells of Xenopus

Careful live imaging experiments of Xenopus retinal ganglion cell polarization revealed that polarized axon outgrowth requires some unidentified extracellular cues present in the basal lamina (Randlett et al., 2011; Zolessi et al., 2006). The axon of developing RGCs normally grows on the basal side of the neuron. In a mutant called Nok, characterized by the absence of retinal pigmented epithelium, some postmitotic RGC neurons show a defective polarized outgrowth of their axon on the apical side along the now-exposed basal lamina. In this context, the polarized emergence of the axon on the basal side of the RGC is correlated with the position of the centrosome, Par3, and the apical complex (containing at least atypical protein kinase C (aPKC), β-catenin, and F-actin) on the apical side of the cell where the dendrite will emerge. Taken together, this work strongly suggests that (a) the basal lamina contains some important extracellular cues playing a role in the polarized emergence of the axon of RGC neurons and that (b) RGC neurons inherit the intrinsic apicobasal polarity of their progenitor at least with regard to the Par3/aPKC components of the polarity complex.

Recently, a signaling cascade has been linked to potential extracellular cues regulating axon initiation in vivo (Barnes and Polleux, 2009; Barnes et al., 2008). Conditional deletion of LKB1 in pyramidal cortical neurons (also called Par4 or STK11) demonstrated that LKB1 is required for axon initiation in cortical neurons but does not impact their radial migration (Barnes et al., 2007). Structure/function analysis indicates that phosphorylation of LKB1 at Serine 431 is required for its function in axon specification (Barnes et al., 2007), and Shelly et al. linked this phosphorylation to the ability of extracellular cues such as BNDF to stimulate cAMP production and protein kinase A (PKA)-dependent phosphorylation of S431 in the nascent axon (see below for details; Shelly et al., 2007, 2010, 2011).



1.4.3 Extracellular Cues Underlying the Emergence of Axon and Dendrites in Mammalian Neurons

Several lines of evidence suggest that extracellular cues can direct the polarized emergence of the axon and the dendrites both in vitro and in vivo. One paradigm involves dissociated cortical or hippocampal PN plated on striped substrates coated with two different cell adhesion molecules (e.g., laminin and NgCAM, reviewed in Barnes and Polleux, 2009). The first immature neurite of E18 hippocampal neurons, which contacts the boundary between two stripes, systematically becomes the axon. This occurs regardless of the fact that the initial outgrowth of immature neurites occurred on laminin or NgCAM, suggesting that immature neurites can detect changes in the nature of the extracellular substrate rather than the absolute nature of the novel substrate they are encountering (Esch et al., 1999). Using a similar approach, Shelly and colleagues showed that neurites of immature hippocampal neurons growing on a patterned substrate can detect the presence of brain-derived neurotrophic factor (BDNF), which plays an instructive role in axon specification because the first neurite contacting a BDNF stripe systematically becomes the axon (Shelly et al., 2007). The effect of BDNF on axon specification requires cAMP-dependent PKA activation and phosphorylation of LKB1 in position 431 by PKA (Shelly et al., 2007, 2010), suggesting that LKB1 phosphorylation on S431 acts as a detector of neuronal symmetry breaking by extracellular cues such as BDNF in this in vitro context.

The overlay assay is an in vitro assay developed to detect the existence of putative extracellular cues playing a role in cortical axon guidance and neuron polarization. This rather simple assay involves plating fluorescently labeled dissociated cortical neurons onto cortical slices to test whether polarized axon emergence in vivo is mainly the result of asymmetric activation of intracellular effectors (maybe inherited by progenitors) or if extracellular cues can play a role in axon specification. Polleux et al. have demonstrated that scenario 2 is the most likely because only a couple of hours after plating, the vast majority of cortical neurons displayed a single, short axon directed ventrally toward the ventricle (Polleux et al., 1998) as observed for radially migrating neurons in vivo. These authors went on to demonstrate that the class 3 secreted semaphorin, Sema3A, which is enriched in the most superficial part of the cortical wall (the top of the cortical plate), plays a role in repulsing axon initiation ventrally toward the ventricle (Polleux et al., 1998). More recently, Sema3A was shown to also regulate the polarized emergence of the leading process/apical dendrite both in the overlay assay, that is, independently of radial migration where it requires cGMP production and PKG activation (Polleux et al., 2000) and also in vivo during radial migration (Chen et al., 2008). Interestingly, Sema3A can play a role in the specification of dendritic identity by activating a cGMP-dependent pathway involving activation of cGMP-gated calcium channels (Nishiyama et al., 2011) and also by repressing axonal identity in a LKB1-dependent manner (Shelly et al., 2007, 2010, 2011; see Figure 1.2).
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Figure 1.2 Extracellular signals regulate axon and dendrite specification in neocortical pyramidal neurons (PN). Time-lapse analysis has revealed that polarization of axodendritic polarity in PN occurs in vivo in a stepwise manner on cell cycle exit: following asymmetric division of radial glial cells (step 1) or intermediate progenitors in the subventricular zone (SVZ) (not shown) recently generated postmitotic neurons first form transient, dynamic neurites (multipolar stage; step 2). Axon specification occurs when a trailing process (TP) is stabilized (red) either before (step 3) or after the formation of a leading process (LP) in neurons engaging radial translocation (step 4). On reaching their final destination at the top of the cortical plate (CP) (step 5), neurons detach from the radial glial scaffold and start an extensive program of axon growth (see Figure 1.1) and dendritic branching concomitant with synaptogenesis (step 6).



Recently, TGFß signaling was shown to be required for the polarized emergence of the axon of radially migrating PN in vivo (Yi et al., 2010; Figure 1.3). TGFß ligands are expressed in the germinal zone of the cortex, where they could act as an instructive ‘ventral’ cue for the polarized emergence of the axon in multipolar neurons before engaging radial migration. In vitro experiments demonstrated that local application of TGFß on a single neurite in immature Stage 1 cortical neurons is sufficient to trigger fast axonal extension (Yi et al., 2010). Importantly, conditional genetic deletion of TGFß receptor 2 expression leads to the production of neurons without trailing process/axon in vivo. One noticeable difference with the conditional ablation of LKB1 (see below), which also leads to the absence of trailing process/axon formation but not radial migration defects, is that TGFß receptor 2 conditional deletion leads to retardation of radial migration in a subset of cortical neurons (Yi et al., 2010).
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Figure 1.3 Intracellular pathways underlying axon specification in response to extracellular cues in vivo. As shown in Figure 1.2, recent data (Yi et al. 2010) provided evidence that TGFß receptor activation is required for axon specification/trailing process stabilization in vivo. This work also suggested that TGFß receptor signaling in the context of axon specification required a ‘noncanonical’ branch of TGFß involved in EMT, which triggers Par6 phosphorylation by TGFß receptor 2 and recruits the ubiquitin ligase Smurf1 and locally degrades RhoA, three steps previously shown to be required for axon specification. Another kinase previously shown to be required in vivo for axon specification is LKB1 (Par4), which is phosphorylated on S431 specifically in the axon in response to several signaling pathways (PKA, p90RSK, or aPKC). LKB1 phosphorylates and activates several other kinases, including SAD-A/B kinases, which have been shown to be required for axon specification in vivo. The actual link between TGFß receptor/Par6/Smurf1/RhoA and the LKB1/SAD kinase pathway is currently unknown but might involve direct interaction between Par6 and LKB1 or phosphorylation of LKB1 by aPKC, which is known to form a complex with Par6. The downstream effectors of SAD kinases and other LKB1-dependent kinases are currently unknown but might involve local phosphorylation of microtubule-associated proteins such as Tau or MAP1b but probably involve many other effectors, all involved in axon specification. Proteins indicated in red have been shown to be required in vivo for axon specification, whereas proteins indicated in orange have only been studied in dissociated neuronal cultures in vitro.



The authors went on to demonstrate that TGFß receptor function during axon specification requires the phosphorylation of Par6 on S435 previously shown to mediate epithelial to mesenchymal transition (EMT; Ozdamar et al., 2005). As discussed later in the chapter, this ‘noncanonical’ TGFß receptor-dependent signaling represents an attractive in vivo signaling pathway for axon specification since it is known to involve recruitment of the ubiquitin ligase Smurf1 that induces local degradation of RhoA during EMT, which have both previously been involved in axon specification (Schwamborn et al., 2007a,b). Therefore, these results suggest that neuronal polarization might have coopted signaling pathways regulating EMT for the purpose of axon specification.

Overall, this work suggests that the polarized emergence of a single axon/trailing process and the apical dendrite/leading process are controlled at least in part by extracellular cues such as TGFß and Sema3A, respectively, expressed in a graded manner along the neuron’s migratory path (Figure 1.2). More work needs to clarify if other extracellular cues are required for the polarized emergence of axons and dendrites in diverse neuronal cell types and how these extracellular cues mediate their effects on the specification of the unique molecular identity of axons and dendrites.




1.5 Intracellular Pathways Underlying Neuronal Polarization


1.5.1 Role of Local Protein Translation and Degradation for Axon Specification and Axon Growth

Spatial regulation of protein expression by selective degradation has been demonstrated in several contexts during neuronal development, including axonal pruning (Watts et al., 2004), various aspects of axon guidance (Bloom et al., 2007; Campbell and Holt, 2001; DiAntonio et al., 2001; Lewcock et al., 2007), synapse formation (DiAntonio et al., 2001; Nakata et al., 2005), synapse maintenance (Aravamudan and Broadie, 2003; DiAntonio et al., 2001; Ehlers, 2003; Speese et al., 2003), and synapse elimination (Ding et al., 2007, reviewed in DiAntonio and Hicke, 2004). Acute treatment with the proteosome inhibitor lactacystin blocks axogenesis in dorsal root ganglion cells (Klimaschewski et al., 2006). Furthermore, more prolonged inhibition of protein degradation with lactacystin leads to the formation of multiple axons (Yan et al., 2006). The protein kinase AKT, which we previously described as critical for neuronal polarity, appears to undergo selective degradation (Yan et al., 2006). In fact, this degradation selectively targets the inactive pool of AKT in neurites, resulting in a net enrichment of AKT in a single process that contains active AKT, the nascent axon. This phenomenon is consistent with the negative feedback signal model proposed by Kaibuchi and colleagues (Arimura and Kaibuchi, 2007) to explain axon specification of a single axon during neuronal polarization. Schwamborn et al. showed that the small GTPase Rap1b is regulated by a similar scheme because the active form of Rap1b is spared from degradation and ultimately enriched in the axon (Schwamborn et al., 2007b). In this case, the ubiquitin ligase acting on Rap1b is Smurf2, whereas the related Smurf1 appears to affect only neurite outgrowth. Additional work has demonstrated that an interaction between Smurf2 and the polarity scaffold PAR3 must exist for proper neuron polarization (Schwamborn et al., 2007a). This finding appears to be related to PAR3 targeting of Smurf2 to the axon because perturbation of the interaction of either PAR3–Smurf2 or PAR3–KIF3A results in Rap1b increase in all neurites. The converse situation exists for LIM kinase (LIMK) because levels of this protein must be reduced for axon initiation in vitro (Tursun et al., 2005). Future experiments should clarify the molecular mechanisms regulating the function of Smurf1/2 ubiquitin ligases in axon specification in vivo especially in the context of TGFß signaling (Yi et al., 2010).



1.5.2 Role of Cytoskeletal Dynamics in Axon Initiation and Growth

Appropriate regulation of the actin and microtubule cytoskeleton is critical for neuronal polarization and has been the focus of numerous studies. Experiments using the actin-destabilizing agents, lactrunculin B and cytochalasin D, indicate that remodeling of the actin-based cytoskeleton is an important regulatory step in axon formation (Bradke and Dotti, 1997). Specifically, actin depolymerization localized to a single neurite in unpolarized stage 2 hippocampal neurons is sufficient to confer axonal identity. A proposed mechanism is that loose actin filaments allow the egress of microtubules and lead to rapid elongation of a given neurite, perhaps outpacing the transport of negative regulators of axonal identity. The idea of cellular asymmetries being reinforced by localized microtubule stabilization and invasion proposed by Kirschner and Mitchison (1986) was elegantly demonstrated using a photoactivatable form of the tubulin-stabilizing compound taxol, which can direct axonal specification to a single immature neurite (Witte et al., 2008). Collectively, these results suggest that a dynamic equilibrium between actin depolymerization and microtubule stabilization might play a role in specifying axonal initiation and axonal identity. Future investigations will need to identify the effectors regulating this balance locally and also characterize how specific upstream signaling pathways might regulate the spatial and temporal regulation of these cytoskeletal dynamics.



1.5.3 Major Signaling Pathways Involved in Axon Initiation and Growth


1.5.3.1 LKB1 and its Downstream Kinases SAD-A/B and MARK1-4

A pioneering genetic screening performed by Kemphues and colleagues in the late 1980s identified six Par genes encoding distinct protein families. Many studies have since demonstrated that invertebrate and vertebrate Par genes play critical roles in epithelial cell polarity during development as well as in the context of cell transformation and metastasis (Goldstein and Macara, 2007; Kemphues et al., 1988). Although this pathway is critical to polarity in many species, the signal linking this pathway to extracellular cues has remained elusive. The furthest upstream component known in this cascade is an evolutionarily conserved kinase named LKB1 or PAR4. LKB1 translocates from the nucleus and is activated by heterodimerization with one of two related pseudokinases known as Strad-α and -ß (Dorfman and Macara, 2008). In addition to binding Strad, LKB1 function in neuronal polarity requires its phosphorylation at S431, a target of both PKA and p90RSK kinases (Collins et al., 2000; Sapkota et al., 2001), and this phosphorylation can be triggered by extracellular cues such as BDNF (Shelly et al., 2007; Figure 1.2). This event might be mediated partly by cues providing chemotactic attraction of radially migrating neurons toward the cortical plate such as Sema3A (Chen et al., 2008; Polleux et al., 2000) or by other extracellular cues, including neurotrophins (NTs) such as BDNF/NT4/NT3 (Shelly et al., 2007), Netrin (Adler et al., 2006), FGFs, or any other cues that can activate cAMP-dependent PKA or p90 RSK (RSK1-3). At this point, we can speculate that any other presently uncharacterized serine/threonine PKA able to phosphorylate S431 on LKB1 might mediate the polarizing function of extracellular cues found in different developing brain regions (Barnes and Polleux, 2009). Future investigations will identify the relevant extracellular cues and the corresponding signaling pathways triggering phosphorylation of LKB1 in position S431, thereby specifying the axon in developing cortical PN in vivo.

Once LKB1 is activated by binding to its necessary coactivator Strad-α and S431 phosphorylation occurs (only in the neurite becoming the axon), LKB1 phosphorylates SAD-A/B kinases (and probably microtubule affinity-regulated kinases, MARK1-4; Matenia and Mandelkow, 2009), which are required for axon specification partly by phosphorylating microtubule-associated proteins (MAPs) such as Tau. On the basis of the function of SAD kinases in presynaptic vesicular clustering in C. elegans (Crump et al., 2001), we can hypothesize that SAD-A/B kinases might also specify axon identity by directing presynaptic vesicular trafficking in the neurite becoming the axon. Most important, genetic deletion of LKB1 in cortical PN prevents axon formation, whereas overexpression of LKB1 and its coactivator Strad in neural progenitors or LKB1 alone in postmitotic cells is sufficient to lead to the formation of multiple axons (Barnes et al., 2007; Shelly et al., 2007).

Experiments in Xenopus laevis suggested that LKB1 may regulate aPKC inactivation of glycogen synthase kinase 3 (GSK3)ß (Ossipova et al., 2003), two proteins involved in neuronal polarity (see below). However, at this point, the exact contribution of LKB1 in adenomatous polyposis coli (APC)/GSK3 function in neuronal polarity is poorly understood. LKB1 also phosphorylates and activates a family of 13 PKAs related to the C. elegans PAR1 protein (Lizcano et al., 2004). To date, three of these have been implicated in regulating axon formation: SAD-A and SAD-B kinases as well as MARK-2 (microtubule affinity regulating kinase-2; also called Par1b). RNAi knockdown of SAD kinases partially abrogates the ability of LKB1 overactivation to induce multiple axon formation in cortical neurons, indicating that LKB1’s function in promoting axogenesis largely (but maybe not completely) derives from activation of SAD-A/B kinases (Barnes et al., 2007). Double knockout mice for SAD-A and SAD-B results in neurons that cannot form axons in vivo (Kishi et al., 2005), and overexpression of SAD-A/B induces a modest but significant increases in multiple axon formation (Choi et al., 2008). SAD and MARK kinases target several MAPs, including MAP2, MAP4, and Tau by phosphorylating three K-X-G-S motifs within each protein, which reduces their microtubule binding affinity, thus destabilizing microtubules (Drewes et al., 1997; Illenberger et al., 1996). Little is known about SAD kinase regulation; however, a recent study suggested that the protein phosphatase PP2 might downregulate SAD catalytic activity by reversing LKB1-mediated phosphorylation (Bright et al., 2008). Another study has recently implicated the tuberous sclerosis complex (TSC) genes TSC1/2 in regulating SAD protein abundance (Choi et al., 2008). The microtubule regulatory scheme is the same for the four members of MARK kinase family, but at this point, only MARK2 has been implicated in neuronal polarity (Biernat et al., 2002; Chen et al., 2006). Because RNAi-mediated knockdown of MARK2 induces supernumerary axons and overexpression of MARK2 inhibits axon formation, it is tempting to hypothesize that MARK2 is a negative regulator of axogenesis (Chen et al., 2006). Intriguingly, MARK2 can interact with the serine/threonine kinase PAK5, and this interaction is thought to inhibit MARK2 kinase activity while simultaneously destabilizing actin cytoskeleton (Matenia et al., 2005). Thus, the MARK2/PAK5 dyad might coordinate actin and microtubule cytoskeletal dynamics during the establishment and/or maintenance of neuronal polarity (discussed later in this chapter).

Several lines of evidence have revealed that other potential regulators of neuronal polarity act by regulating MARK2. GSK3 can inactivate MARK2 catalytic activity through phosphorylation, and similarly aPKC can inhibit MARK2 activity through T595 phosphorylation (Timm et al., 2008). The planar cell polarity signaling molecules Dishevelled1 (Dvl1) and Wnt5a also appear to be involved in the MARK2/aPKC pathway of neuronal polarization (Zhang et al., 2007). In this scenario, Wnt5a activation of its receptor Fzl leads to the stabilization of aPKC through its direct interaction with Dvl1. This increase in aPKC then leads to an increase in the inhibitory phosphorylation of MARK2. Consistent with this model, increased Dvl1 expression leads to multiple axons, and RNAi knockdown inhibits axon formation (Zhang et al., 2007). Furthermore, the combination of RNAi against MARK2 and Dvl1 actually results in normal axon formation. c-Jun N-terminal kinase (JNK) is another potential target for Dvl1 signaling (Ciani and Salinas, 2007) and plays a role in neuronal polarization. Inhibition of JNK blocks neuronal polarization in a reversible manner (Oliva et al., 2006).



1.5.3.2 PAR3–PAR6–APKC

The core components of the other major protein in the polarity complex identified in C. elegans are the scaffolding proteins, PAR-3 and PAR-6. Many binding partners for this complex have been implicated in regulating the polarity of epithelial cells. Neuroepithelial radial glia targets the PAR3/6 complex in their apical domain along the ventricular wall (Bultje et al., 2009; Costa et al., 2008; Manabe et al., 2002). Proteins reported to exist in complex with PAR3/6 include aPKC and the small GTPase cdc42 (Joberty et al., 2000; Lin et al., 2000; Qiu et al., 2000), the kinesin motor protein KIF3A (Nishimura et al., 2004), the guanine exchange factor Tiam1/STEF (Chen and Macara, 2005; Nishimura et al., 2005), the lipid and protein phosphatase PTEN (Feng et al., 2008; von Stein et al., 2005), the GTPase activating protein (GAP) p190RhoGAP (Zhang and Macara, 2008), the tumor suppressor lethal giant larvae (Lgl) (Plant et al., 2003), the scaffold protein inscuteable (Schober et al., 1999), the ubiquitin ligases Smurf1 (Ozdamar et al., 2005) and Smurf2 (Schwamborn et al., 2007b), and the TGFß receptors 1/2 (TGFR1/2; Ozdamar et al., 2005). Each of these proteins has also been implicated in controlling polarity in nonneuronal cells as part of the PAR3/6 complex.

PAR3/6 are enriched in the nascent axon in stage 3 hippocampal neurons, and overexpression of wild-type and truncated forms of either PAR3 or PAR6 perturb the formation of a single axonal process in hippocampal neurons (Shi et al., 2003). However, in Drosophila, orthologs of PAR3 (bazooka), PAR6, or aPKC do not appear to be required for proper axon–dendrite specification (Rolls and Doe, 2004). This could mean that PAR3/6 have acquired a function in neuronal polarity late during evolution in the vertebrate radiation. Alternatively, there is so far no genetic loss-of-function evidence in vertebrates (especially in mammals), demonstrating that Par3 and Par6 are required for axon specification. This evidence will be clearly more challenging to obtain in mammals than in Drosophila because of potential genetic redundancy: there are four Par6 genes (PAR6A-D) and two Par3-like genes in mammalian genomes (Barnes et al., 2008; Goldstein and Macara, 2007). So far, in vivo assessment of Par3 function in the developing cortex using shRNA-mediated knockdown has revealed a clear function in the ability of radial glial progenitors to divide asymmetrically to produce neurons (Bultje et al., 2009) but not in neuronal polarity yet. Future investigation of the in vivo function of Par3/Par6 in axon specification and neuronal polarization will be important.

The role of aPKC in neuronal polarity is tightly linked to its ability to associate to the PAR3–PAR6 complex. The activity of aPKC is greatly reduced when associated with PAR6 (Yamanaka et al., 2001), and this partnership provides a regulatory scheme that requires additional signaling events to produce a very spatially limited pool of activated aPKC, as guanosine triphosphate (GTP)-bound cdc42 binding relieves this inhibition. Phosphorylation targets of aPKC include the PAR3/6-binding partner Lgl, and this posttranslational modification is thought to play a crucial role in regulating the subcellular localization of Lgl during polarization in several cellular contexts (Betschinger et al., 2003; Plant et al., 2003; Yamanaka et al., 2003). As mentioned previously, aPKC can also phosphorylate the PAR1 ortholog MARK2 on Threonine 595 (Hurov et al., 2004; Suzuki et al., 2004), in this case inhibiting its kinase activity. Global inhibition of aPKC activity in polarizing neurons clearly indicates a role for this kinase in the establishment of neuronal polarity at least in vitro (Shi et al., 2003), consistent with observed enrichment of activated aPKC in the nascent axon (Schwamborn and Puschel, 2004; Zhang et al., 2007). PAR3/6 axonal localization likely occurs via PAR3 interaction with the microtubule plus-end-directed kinesin KIF3A because interference with KIF3A function leads to the delocalization of PAR3 and aPKC from the nascent axon tip (Nishimura et al., 2004). As discussed previously, inhibition of GSK3 or perturbation of APC localization also eliminates PAR3 targeting from the tip of the nascent axon (Shi et al., 2004), indicating a potential hierarchical scheme that enriches the Par3/6 complex in the developing axon.



1.5.3.3 Ras- and Rho-Family of Small GTPases

Small GTPases are critical regulators of cytoskeletal and membrane dynamics underlying cell motility, cell polarity, and cell growth. Small GTPase proteins are molecular switches that generally act on downstream effectors when bound to GTP and are inactive when this GTP is hydrolyzed to guanosine diphosphate (GDP). Rho-GTPases possess relatively slow intrinsic GTP hydrolysis activity, and their catalytic activity is regulated by GAPs (53 predicted in the human genome). GAPs therefore act as negative regulators of GTPase activity by promoting the GDP bound (inactive) state. Activation of small GTPases by exchanging GDP for GTP is controlled by guanine nucleotide exchange factors (GEFs; 69 predicted in the human genome). Not surprisingly, both Ras- and Rho-family small GTPases have been involved in axon specification and axon growth.

Several members of the Ras-family of small GTPases have been shown to regulate neuronal polarity including H-Ras, R-Ras, K-Ras, and N-Ras. Overexpressing either wild-type or a constitutively active mutant (V12 or Q61L) of the H-Ras or the related protein R-RasQ87L leads to the production of multiple axons (Fivaz et al., 2008; Oinuma et al., 2007; Yoshimura et al., 2006). Ras proteins regulate both the MAP kinase and PI3K pathways, and pharmacologic inhibition of either pathway was sufficient to inhibit the production of additional axons, but surprisingly it did not impact axon formation in general (Yoshimura et al., 2006). Ras activation is coupled to many cell surface receptors including growth factor receptors, and a EGFR tyrosine kinase inhibitor, AG1478, can inhibit axon formation (Shi et al., 2003). Elegant work using a fluorescent reporter of Ras activation demonstrates the restricted nature of Ras signaling and its recruitment during axon determination to contribute to a positive feedback loop with PI3K (Fivaz et al., 2008). Additional work remains to identify which upstream activators may regulate Ras during neuronal symmetry breaking to determine the nascent axon; we discuss some potential candidates later in this chapter.

The best studied of all mammalian Rho-family small GTPases (22 total) are Cdc42, RhoA, and Rac1. Expression of dominant-negative (locked in GDP-bound state) or constitutively active (locked in GTP-bound state) mutants of each of these small GTPases in polarizing neurons, or treatment with the Rho-GTPase inhibitor toxin B (Bradke and Dotti, 1999), indicates a critical role for both cdc42 and Rac1 both in vitro in rodent neurons (Nishimura et al., 2005; Schwamborn and Puschel, 2004) and in Drosophila in vivo (Luo et al., 1994). Specifically, the expression of Cdc42L28, a cdc42 mutation that constitutively cycles between a GDP- and GTP-bound state, leads to the formation of multiple axons in rodent neurons. The loss of cdc42 expression, either through siRNA knockdown (Schwamborn and Puschel, 2004) or genetic ablation (Garvalov et al., 2007), leads to a strong axon specification defect. In the case of cdc42 conditional knockout mice, the axon phenotype may be due to increased levels of phosphorylated (inactive) cofilin, a regulator of actin dynamics enriched in developing axons (Garvalov et al., 2007). This phosphorylation is achieved by LIMK, an activity stimulated by a cdc42 effector kinase, Pak1. Paradoxically, Pak1 activity is greatly reduced in cdc42-null mice, suggesting that the deregulation of another pathway regulating cofilin occurs in the absence of cdc42, most likely the RhoA-regulated kinase ROCK (Maekawa et al., 1999). The loss of Pak1 itself also inhibits neuronal polarization, and conversely, constitutively active Pak1 induces multiple tau1-positive processes (Jacobs et al., 2007). The latter effect can be partially reduced by coexpression of either an unphosphorylatable form of cofilin or a GDP-locked Rac1, suggesting that Rac1 may act downstream of Pak1 activation. Taken together, these results demonstrate a role for activated cdc42 in neuronal polarization beyond its association with the PAR3/6 complex described later in this review.

RhoA is another small GTPase, and it is typically associated with destabilization of the actin cytoskeleton and myosin-based contractility. Experiments using a constitutively active form of RhoA show that it inhibits neuritogenesis, whereas a dominant-negative form of RhoA enhances neurite outgrowth (Schwamborn and Puschel, 2004). This finding is consistent with the regulatory role proposed for p190RhoGAP and the effect of inhibiting the RhoA-activated kinase, ROCK, on axogenesis (Bito et al., 2000). Future experiments will test if RhoA activation is regulated by local degradation through Smurf1/2 activity specifically in the axon downstream of local TGFß receptor activation and recruitment of Par6 (Yi et al., 2010) as previously shown in EMT (Ozdamar et al., 2005).

The examination of Rac1’s role in neuronal polarization has led to some confounding results. In Drosophila, the expression of either dominant-negative (GDP-locked) Rac (Luo et al., 1994) or loss of Rac expression (Hakeda-Suzuki et al., 2002; Ng and Luo, 2004; Ng et al., 2002) affects outgrowth but not polarity. Similarly, siRNA knockdown of mammalian Rac1 typically does not affect axon identity (Gualdoni et al., 2007), although some reports detected unpolarized neurons following expression of the dominant-negative form of Rac1 (Nishimura et al., 2005). In cultured neurons, a constitutively active version of Rac1 does not affect axon specification (Schwamborn and Puschel, 2004). These results, while mixed, do hint at a more complex regulation of Rac1 in neuronal polarization. This fact becomes clearer later in this review because the only GEF proteins shown to be crucial for axon formation appear to control Rac1. This observation’s apparent disjunction with the lack of strong phenotype may reflect the importance of subcellular localization of activated pools of Rac1 and compensation by related small GTPases.

Small GTPases have a plethora of effectors within cells, and proper activation of these effectors, both spatially and temporally, requires exquisite control of both activation and inactivation by GEFs and GAPs, respectively. Apart from p190RhoGAP, most studies have so far focused on the function of GEFs in neuronal polarity. This includes the two GEFs Tiam1 and STEF, described later, and DOCK7 GEF, recently reported to be a regulator of axon specification by activating Rac1 triggering phosphorylation of Stathmin/Op18, a microtubule-destabilizing factor critical for axogenesis (Watabe-Uchida et al., 2006). Another axonally enriched, unconventional Rac1 regulatory protein is the cytoplasmic dynein light chain TcTEX-1 (Chuang et al., 2005). Increased levels of TcTEX-1 result in increases in GTP-loaded Rac1 and a drop in GTP-Rac1 levels following TcTEX-1 siRNA treatment. Multiple axons result from overexpression, and this effect is preserved using a mutant form (T94E) that cannot bind dynein heavy chain. Consistent with a role in controlling Rac1, the supranumerary axon phenotype is suppressed by constitutively active RhoA or dominant negative Rac1.

Rap1b, a member of the Ras superfamily of GTPases, is also required for proper neuronal polarization in vitro (Schwamborn and Puschel, 2004; Schwamborn et al., 2007b) and in vivo (Jossin and Cooper, 2011). It is found at the tip of the nascent axon, and its overexpression leads to hippocampal neurons bearing multiple axons. The loss of Rap1b following siRNA knockdown abrogates axon formation, and expression of autocycling cdc42 can rescue the phenotype. Expression of a constitutively active Rap1b fails to reverse the loss of axons observed following a loss of cdc42, indicating that Rap1b lies upstream of cdc42 in this pathway of neuron polarization. Similarly, suppressing axogenesis via pharmacological inhibition of PI3-kinase can be reversed by autocycling either cdc42 or constitutively active Rap1b, placing both of these small GTPases downstream of PI3K signaling during axon specification. In addition to its place in one of the canonical polarity pathways, studies on Rap1b have explored a novel mechanism for protein localization during neuronal polarity, namely, selective protein degradation (Schwamborn et al., 2007a,b). This means of controlling protein activity appears to apply to several polarity-regulating proteins.



1.5.3.4 PI3-Kinase and PTEN Signaling during Axon Specification

The phosphatidylinositol-3 kinase (PI3K) family regulates diverse biological functions, including cell polarity, cell motility, and chemotaxis, as well as neuronal migration and polarization, based almost exclusively on the use of pharmacological inhibitors such as Wortmanin or LY294002 (Jossin and Goffinet, 2007; Polleux et al., 2002; Shi et al., 2003; Zhou et al., 2007). The best-characterized class Ia PI3-kinase (PI3KcIa) is involved in the formation of phosphatidylinositol (3,4,5)-triphosphate (PIP3) and lies downstream of Ras and upstream of protein kinase B ((PKB) or AKT) during signal transduction. Work from several groups has implicated PI3K in axon specification based on the fact that pharmacologic inhibition of PI3K activity using LY294002 or Wortmannin prevents axon formation (Jiang et al., 2005; Menager et al., 2004; Shi et al., 2003; Yoshimura et al., 2006). However, these data have to be interpreted carefully since these inhibitors are not class-specific and inhibit which inhibits the three main classes of PI3K (Stack and Emr, 1994), including phosphatidylinositol-3 kinase class III (PI3Kc3 also called Vps34), which produces exclusively phosphatidylinositol-3 monophosphate (PI(3)P) and regulates endocytosis, vesicular trafficking, trimeric G-protein signaling, and the mTOR (mammalian target of rapamycin) pathway (Backer, 2008). However, overexpression of the constitutively active catalytic subunit of PI3K (p110) leads to the formation of multiple axons (Yoshimura et al., 2006), suggesting that PI3K activation is both required and sufficient for axon specification. Using the pleckstrin homology (PH) domain of AKT fused to GFP (PHAKT − GFP) as a biosensor for PIP3 formation, Menager et al. (2004) have shown that PIP3 accumulates selectively within a single neurite following local application of laminin in a single neurite of stage 2 hippocampal neurons. Future investigations will need to address when and where PI3K activation occurs in vivo during neuronal polarization and what class of PI3K is required (class 1, 2, or 3) using genetic loss-of-function approaches.

Two PI3K-interacting proteins, Shootin1 (Toriyama et al., 2006) and Singar1/2 (Mori et al., 2007), were recently identified as potential regulators of axon formation using a mass spectrometry approach. Overexpression of Shootin1 leads to the generation of supernumerary axons, and RNAi knockdown inhibits axon formation. Shootin1 is transported via a myosin-dependent mechanism to axonal growth cones, and its overexpression leads to aberrant accumulation of PI3K in minor neurites, likely leading to the observed alteration of axon specification. Shootin1 colocalizes with active pools of PI3K, and inhibition of PI3K activity significantly reduces the ability of Shootin1 to induce multiple axons. These data suggest a role for Shootin1 in regulating PI3K activity, and its selective transport to the nascent axon is likely critical for establishing axonal identity. Singar exists as at least two splice forms, Singar1 and Singar2, and both are expressed in developing neurons. RNAi against both forms causes cultured neurons to form multiple axons, and this effect is prevented when PI3K activity is inhibited. Unlike Shootin1, overexpression of Singar is not sufficient to affect axon formation. When coexpressed, Singar1, but not Singar2, can reduce the multiple axon phenotype of Shootin1 overexpression. This result suggests an antagonistic relationship between Shootin1 and Singar 1 and that Singar protein may inhibit PI3K activity.

PTEN (phosphatase and tensin homolog deleted on chromosome 10) is a lipid and protein phosphatase that acts in direct opposition to PI3K activity as PTEN dephosphorylates PIP3 into PIP2, and thus limits PIP3 signaling both spatially and temporally. Increasing levels of PTEN expression lead to a loss of axon formation (Jiang et al., 2005; Shi et al., 2003), whereas reduction of PTEN expression via RNAi-mediated knockdown leads to a multiple axon phenotype (Jiang et al., 2005). This effect is consistent with the gain-of-function mutation of PI3K described above and highlights the critical need to maintain the delicate balance of phospholipid composition at the membrane to ensure proper neuronal polarization and axon formation. Remarkably, PTEN via regulation of the mTOR pathway has a strong function in suppressing injury induced axon growth form CNS neurons (Park et al., 2008; see below).



1.5.3.5 AKT/Protein Kinase B

Several proteins are recruited via their PIP3-specific PH domains to sites of membrane created by PI3KcIa activity. The protein kinase AKT also called PKB undergoes such a translocation to the membrane via its PH domain, a step required for its dual phosphorylation on T308 and S473 and activation by membrane-targeted protein kinase PKD1 and PKD2, respectively. This activated form of AKT is enriched in growth cones of polarized neurons (Shi et al., 2003). When a myristoylation site is added to recombinant AKT (myr-AKT), it is constitutively targeted to the membrane, independent of PI3K, and therefore acts as a constitutively active form. When overexpressed in neurons, this form of AKT is sufficient for multiple axon formation (Yoshimura et al., 2006), consistent with a unified pathway in which AKT acts downstream of PI3K in regulating axon formation. In addition to PKD, another PI3K regulated kinase, ILK (integrin linked kinase), increases AKT activity via S473 phosphorylation (Delcommenne et al., 1998). Similar to other regulators of AKT, hyperactived ILK (S343D) increases multiple axon formation in cultured neurons, and RNAi reduction or pharmacologic inhibition leads to the failure of axon formation without affecting the adoption of a dendritic fate (Guo et al., 2007). These experiments point to an important but not exclusive role of ILK in regulating AKT. A common target protein of both ILK and AKT is GSK3ß (Delcommenne et al., 1998), and phosphorylation by either protein is thought to inactivate GSK3 kinase activity (see below).

Future experiments will need to address which class of PI3K is required for axon specification and also if PTEN and AKT are required for neuronal polarization in vivo. Finally, these experiments will need to address whether these important effectors are specifically required for neuronal polarization and axon specification or if they are more generally required for neural progenitor polarity. It remains possible that the defect of polarization in postmitotic neurons is a consequence of an earlier requirement in specifying neuroepithelial polarity (Barnes et al., 2008).



1.5.3.6 GSK3 and Axon Specification

GSK3 is a well-studied serine/threonine protein kinase that functions in the regulation of multiple intracellular processes, including pathways downstream of receptor tyrosine kinase and Wnt/Fzl signaling. Two genes encoding GSK3 (α and ß) in mammals perform essentially redundant functions. GSK3 has the unusual property of being constitutively active, a state that is reversed following phosphorylation at Ser9 in GSK3ß or Ser21 in GSK3α by multiple kinases, including AKT, ILK, and aPKC(Etienne-Manneville and Hall, 2003). Recent in vitro work has implicated GSK3ß as a critical regulator of neuronal polarity. Experiments using several types of GSK3 inhibitors indicate that GSK3ß act as negative regulators of axon formation because they lead to the formation of multiple axons (Jiang et al., 2005; Yoshimura et al., 2005).

Gartner et al. (2006) suggested that the situation is clearly more complex in vivo. Using double knockin-mice bearing single point mutations in GSK3ßS9A and GSK3αS21A, Gartner et al. reported no obvious deficits in neuronal morphogenesis in vivo and in vitro (Gartner et al., 2006). In fact, these mice are viable and do not show any obvious developmental phenotype in the CNS. However, using inhibitors of GSK3α/ß such as lithium chloride or, more specifically, SB-415286, SB-216763, and AR-A014418, Gartner et al. were able to replicate the multiple axon phenotype obtained by others (Garrido et al., 2007; Jiang et al., 2005). These results indicate that although the exact role of Ser9/Ser21 phosphorylation in GSK3 inactivation remains to be understood or may involve an alternate site (Thornton et al., 2008), it is clear that the catalytic activity of GSK3 is a critical regulator of neuronal polarity in the standard in vitro paradigms.

Several downstream targets of GSK3 are potential effectors of neuronal polarity, and many involve regulation of the cytoskeleton. Collapsin-response mediator protein-2 (CRMP-2) is one such microtubule-binding protein that is enriched in tips of the nascent axon and is regulated by GSK3® such that phosphorylated CRMP-2 displays a decreased binding affinity for tubulin heterodimers (Inagaki et al., 2001; Yoshimura et al., 2005; reviewed in Arimura et al., 2004). As observed for other polarity regulators, overexpression of CRMP-2 is sufficient to induce the formation of multiple axons, and truncated forms of CRMP-2 can impair axon formation (Inagaki et al., 2001). Although the ability of CRMP-2 to facilitate microtubule assembly is important in regulating axon formation, CRMP-2 is also known to associate with several other proteins, including the actin polymerization-regulating Sra-1/WAVE1 complex, which might contribute to its function in axogenesis. Recently, Kawano et al. showed that CRMP-2 links the Sra-1/WAVE1 complex with the microtubule-based motor protein Kinesin 1, and Sra1/WAVE expression is likely required for CRMP-2’s induction of multiple axons (Kawano et al., 2005).

APC is another well-established effector of GSK3 that is enriched in the neurite that will become the axon early in neuronal polarization (Shi et al., 2004). Most cell biological evidence has suggested that APC enhances microtubule stability, and it is well established that APC can bind microtubule plus ends via its EB1-binding domain. Phosphorylation of APC by GSK3ß blocks its ability to bind the plus ends of microtubules, and inhibition of GSK3ß leads to an accumulation of APC in multiple neurites (Shi et al., 2004). Expression of truncated forms of APC is sufficient to inhibit axon formation and elongation (Shi et al., 2004; Zhou et al., 2004). Reduction of APC using shRNA has also been demonstrated to interfere with efficient axon elongation (Purro et al., 2008). Recent work suggests that the APC/GSK dyad regulates targeting of another polarity protein PAR3 as overexpression of full-length or truncated APC disrupts neuronal polarization, and inhibition of GSKß changes the distribution of the pool of APC in the nascent axon (Shi et al., 2004; Zhou et al., 2004). Further growth-factor-triggered inactivation of GSK3ß by PI3K signaling acts through the APC to control axon elongation (Zhou et al., 2004). Investigators have observed similar results for two other GSK targets, the MAPs, MAP1b (Gonzalez-Billault et al., 2004) and Tau (Sperber et al., 1995), that when phosphorylated by GSK3ß, alter microtubule dynamics. These results emphasize a key principle that underlies much of what is known about neuronal polarization, namely, that the microtubule cytoskeleton is a major endpoint for polarity regulators. Interestingly, the PTEN was also recently identified as a GSK3 substrate (Maccario et al., 2007), which may represent a negative feedback loop for AKT signaling following activation via stabilization of PTEN.

As noted above, the two GSK-3 family members, GSK-3 and GSK-3®, have largely redundant functions. Elimination of either family member alone has little effect on axon growth either in vitro or in vivo (Kim et al., 2006). However, complete inhibition of GSK-3 activity via inhibitors or shRNA directed at both family members appears to block axon growth altogether in vitro (Garrido et al., 2007; Kim et al., 2006; Shi et al., 2004).
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2.1 Introduction

Neurons can be among the most morphologically complex cells with multiple extensions traversing far-reaching distances and convoluted pathways to connect with other cells (e.g., upper motor neurons of the cerebral cortex), but they can also be relatively simple with short processes making local contacts (e.g., GnRH neurons). All neurons, however, share a common specialization that is crucial to their function: they are polarized. This specialization entails an intricate morphogenesis in which initially spherical cells extend processes in a precise manner to create circuits that, although plastic and subject to modification, can function throughout an organism’s lifetime. As the signaling units of the nervous system, neurons require discrete functional domains. In order to receive, store, and transmit electric-chemical signals, a neuron must develop subcellular compartmentalization, with each compartment assuming a specific morphology and molecular constitution. The development of a neuron with such specialization requires a sophisticated developmental program that is collectively called neuronal polarization (Craig and Banker, 1994). At the broadest level, the differentiation of the somatodendritic compartment and the axon is common to nearly all neurons (Figure 2.1(a)). Additionally, many neurons have even more complex patterns of intracellular specialization necessary for their function. Thus, it is not surprising that, even when subtle problems arise during the establishment or maintenance of neuronal polarity, serious neurological diseases can develop including lissencephaly, autism, and amyotrophic lateral sclerosis (ALS) (Kanning et al., 2010; Maussion et al., 2008; Rasband, 2010). The establishment of neuronal polarity is, thus, an essential developmental process underlying the function of individual neurons and the nervous system as a whole.


[image: image]

Figure 2.1 Morphology of polarized neurons and the stages of neuronal development. (a) A lower motor neuron (LMN) exemplifies the functional and morphological polarity of a neuron. On the anatomical and functional level, neurons are subdivided into the somatodendritic compartment, which receives signals (in this case from an upper motor neuron (UMN)) and the axon, which transmits signals to the next cell (in this case a muscle). The axon initial segment (AIS) separates these two domains acting as a selective barrier preventing the mixing of the distinct molecular components of the two domains. Neurons exhibit further subcellular polarity into distinct domains based on function and underlying molecular composition. For example, dendritic spines are sites of synaptic input and enriched in neurotransmitter-gated ion channels responsible for producing synaptic potentials. Myelinated axons have nodes of Ranvier which, like the AIS, are enriched in voltage-gated channels necessary for the propagation of action potentials. (b) Neuronal development can be divided into a series of five consecutive stages of development based on observations from hippocampal neurons in culture. This developmental program is stereotypical and highly reproducible. Shortly after plating, the spherical cell bodies extend filopodia and lamellipodia and assume a ‘fried egg’ morphology (Stage 1). Within hours neurons begin extending immature neurites which are indistinguishable (Stage 2). During the Stage 2–3 transition, one of the immature neurites elongates and begins acquiring the morphological and molecular features of an axon. This occurs at 2–3 days in vitro (DIV) and marks the first sign of polarity (Stage 3). After 4 days to a couple weeks in culture, the remaining neurites begin to arborize and acquire dendritic characteristics (Stage 4). Between 2 and 3 weeks in culture, there is the continued maturation of the axon and dendritic arbors with the formation of dendritic spines and mature neuronal circuits (Stage 5) (Dotti et al., 1988).



Cell polarity is not unique to neurons, as many diverse cell types require some form of polarization. From budding yeast to dividing stem cells, from epithelial cells to dendritic cells of the immune system, a subcellular division of labor is a commonality necessary not only for the formation and function of individual cells, but also for complex multicellular tissues. Many of the basic principles of cell polarization are common to all these diverse cell types, including neurons. However, distinct mechanisms are also employed to establish the unique functions of each cell type. Neuronal function demands a unique morphology and division of labor to ensure the fidelity of the unidirectional flow of communication in the nervous system (Figure 2.1(a)). To this end, neurons typically have multiple dendrites, which receive synaptic inputs, and a single axon, which transmits signals via action potentials to the next cell. In order to perform these functions, the axon and dendrites are strikingly different in their morphology, cytoskeletal organization, molecular constitution, and membrane composition. Thus, the morphogenesis and the segregation of specific molecular components of the axon and dendrites underlie the core process of neuronal polarization, and, thus, neuronal function.

The morphogenesis occurring during neuronal polarization requires the spatially and temporally coordinated regulation of the actin and microtubule cytoskeletons. The foremost event in neuronal polarization is the formation of the axon. Thus, the remodeling of the cytoskeleton first occurs to induce the growth and branching of the developing axon, while concomitantly repressing the growth of the other processes, the future dendrites. Only later, specialized cytoskeletal dynamics transpire to facilitate dendritic growth, arborization and the formation of discrete postsynaptic specializations (e.g., dendritic spines). During the early events of neuronal polarization, the elongation of the axon requires material to support increase in surface area and volume. Trafficking of membranous and cytosolic components is regulated to generally support this overall increase of axonal mass. As development proceeds, the formation of functional domains during neuronal development depends on trafficking mechanisms that result in a polarized delivery system. This molecular ‘sorting’ is achieved by diverse layered and interdependent mechanisms including discriminatory secretory and endosomal transport, physical barricades barring the mixing of intercompartmental material, and selective degradation of unwanted material. The fact that the maintenance of neuronal polarity also requires the continued regulation of these intracellular sorting mechanisms indicates that these events are not only important during development, but also throughout the lifespan of an organism.

This chapter focuses on the essential contributions of the cytoskeleton and intracellular trafficking to neuronal polarization. General features and signaling pathways implicated in the process of neuronal polarization are covered in Chapter 1. Therefore, here this chapter only generally discusses principles of these signaling pathways as they pertain to the direct regulation of the cytoskeleton and cellular trafficking. Since axon formation is the foremost event during neuronal polarization, this chapter largely focuses on the cytoskeletal and trafficking mechanisms underlying the initial specification of the axon. However, as a neuron matures, trafficking mechanisms are established that continue to differentiate the axonal compartment from the somatodendritic compartment. Therefore, this discussion of neuronal polarization will also cover various sorting mechanisms that occur as neurons become functionally mature. This chapter briefly discusses dendritic development in the context of the cytoskeleton, but specific details of dendritic development are reviewed elsewhere in this book (Chapters 10 and 11). The basic principles of cellular polarization, some of which are applicable for neuronal polarization, are also reviewed in other chapters of this book (Chapters 12 and 13).



2.2 Developmental Stages

Dissociated neuronal culture systems, in particular cortical and hippocampal neurons and, to a lesser degree, cerebellar granule neurons (CGNs) have provided the majority of our knowledge regarding the mechanisms of neuronal polarization. Hippocampal and cortical neurons undergo a stereotypical developmental progression in a manner similar to their in vivo development, divided into five consecutive stages (Craig and Banker, 1994; Dotti et al., 1988; Figure 2.1(b)). Within hours of plating, the neurons assume a fried egg morphology extending broad circumferential lamellipodia and filopodia protrusions (Stage 1). During neuritogenesis, lamellipodia and stable filopodia form growth cones and begin extending, forming multiple nascent neurites (Stage 2). At this point in development, the neuron is still symmetric, as any of these neurites has the potential to form the axon. During the Stage 2–3 transition, the initial symmetry breaking event occurs as one neurite begins growing more rapidly, transforming into the morphologically and molecularly distinct axon (Stage 3). The remaining processes later grow and arborize, developing into dendrites (Stage 4). After around 2 weeks in culture, neurons mature, develop dendritic spines, and mature neuronal networks are established (Stage 5). The process of axon formation (i.e., axonogenesis) is the decisive step underlying neuronal polarization and, therefore, will be the focus of this chapter. However, other later events in polarization are equally important for neuron function. Following axonogenesis, neurons continue to acquire subcellular specializations which are crucial for development and maintenance of neuronal polarity. The orchestration of a dynamic cytoskeleton and intracellular trafficking are the principal mechanisms for the continued process of neuronal polarization.



2.3 Role of Cytoskeleton in Establishment of Neuronal Polarity

Like all eukaryotic cells, neurons contain networks of fibrous elements including actin, microtubules, and intermediate filaments, known collectively as the cytoskeleton. It not only provides structural support of the neuron itself, but also serves as tracks on which the intracellular movement of organelles, chromosomes, proteins, and RNAs depends. Moreover, the cytoskeleton powers the movement of the neuron and the extension of neurites. As the cytoskeleton undergoes dynamic changes, a neuron moves, extends neurites, and undergoes the morphological transformation of polarization. Therefore, the intricate regulation and coordination of the components of the cellular cytoskeleton is crucial to neuronal morphogenesis.

Nearly all signaling pathways that affect neuronal polarity converge on the actin and microtubule cytoskeletons. Beside kinases, phosphatases, cyclic nucleotides, and calcium ions, the Rho family of small GTPases controls diverse aspects of the cellular cytoskeleton to elicit changes in the shape and motility of diverse cell types. For neurons, the Rho GTPases are regarded as pivotal signaling switches that manage neuronal morphogenesis through a diverse set of effectors controlling specific changes in actin and mictotubules (Govek et al., 2005; Hall and Lalli, 2010). The three canonical Rho GTPases, Rho, Rac, and cdc42, are particularly important in neuronal polarization. Whereas Rac1- and cdc42-mediated signaling tends to promote neuronal polarization, RhoA signaling pathways attenuate axon growth (Hall and Lalli, 2010). For example, the genetic deletion of cdc42 results in a loss of filopodia and prevalence of looping microtubules, leading to a marked attenuation of axon development (Garvalov et al., 2007). Rac1 deletion results in a reduction of neuronal polarization in cerebellar neurons with a loss of lamellipodia (Tahirovic and Bradke, 2009). Interestingly, while both of these Rho GTPases affect neuronal polarization, they do so by affecting different cytoskeletal effectors. Thus, it may be that neuronal polarization can be regulated by different cytoskeletal regulators as long as the cytoskeletal dynamics are permissive for neuronal polarization.

2.3.1 Actin

Actin structural organization and dynamics are vitally important for neuronal polarization. During polarization various signaling pathways and actin-binding proteins modulate dynamics and/or the structural organization of the actin cytoskeleton.

In neurons, there are two actin isoforms expressed at near equal levels: β-actin and γ-actin. Although these actin isoforms are over 90% identical and have analogous biochemical properties, β-actin and γ-actin have distinct localizations and functions in vivo. Whereas γ-actin localizes to the cell body (Kashina, 2006; Otey et al., 1986), β-actin is more specifically enriched to dynamic actin networks of the cell, such as growth cones (Bassell et al., 1998). Thus, even at the level of actin isoform localization, there is compartmentalization. However, no detailed work has specifically differentiated the roles of β-actin and γ-actin during neuronal polarization.

Actin exists in two forms: a monomeric, globular (G-actin), and a polymerized, filamentous form (F-actin). In individual actin molecules there is a deep nucleotide-binding cleft that is occupied by one of three adenine nucleotides: ATP, ADP-Pi, or ADP (Pollard et al., 1992; Box 2.1). In neurons, the majority of G-actin is bound with ATP, whereas ADP-Pi and ADP bound actin predominate in actin filaments. Actin filaments are long chains of G-actin formed into two parallel polymers twisted around each other into a helical orientation with a diameter between 6 and 8 nm. There are two rotational states of F-actin with regard to this twist: a more twisted form and a less twisted form. This rotational status of F-actin has important consequence for actin structures and dynamics; more twisted actin has less thermodynamic stability and can be disassembled more easily. Further, it changes the topology of the actin filament and can influence the binding of proteins that modulate actin organization and turnover. For example, actin depolymerizing factor (ADF)/cofilin proteins, which are crucial for neuronal polarization, bind to the more twisted form of actin.


Box 2.1

Actin dynamics

Actin monomers can spontaneously self-assemble into isolated actin filaments. Following nucleation and an elongation phase, actin filaments can reach a steady-state polymer mass in which they are still dynamic. An actin filament is structurally and functionally polarized such that two ends of the filament have different equilibrium constants with actin monomers for assembly, called critical concentrations. When the concentration of G-actin lies in between the different critical concentrations, net assembly occurs at one end (the barbed or plus end) and net disassembly occurs at the other end (the pointed or minus end) in a process called treadmilling (Bugyi and Carlier, 2010). This polarity of the filament is also reflected by the adenine nucleotide-binding status of the actin subunits. ATP-actin, which dominates the actin monomer pool, is added preferentially to the plus end of actin filaments. The ATP rapidly hydrolyzes, although the inorganic phosphate does not disassociate, resulting in ADP-Pi-actin. Eventually, the Pi dissociates resulting in ADP-actin acculmulation toward the minus end of the filament. The kinetics of ATP hydrolysis and Pi release results in a molecular aging or stratification, such that ATP-actin is scarce and specifically enriched toward the ‘young,’ plus ends of filaments, while ADP-Pi make up the middle-aged portion of the filament and ADP-actin make up the older portion of the filament toward the minus end. This inherent polarity and molecular stratification have important implications for cellular dynamics, as different actin-binding proteins have different affinities for specific nucleotide-bound actin subunits and this could influence the formation and dynamics of actin structures (Pak et al., 2008).[image: image]



In neurons, as in other cells, actin filaments are assembled into higher-order networks with distinct spatial organizations determined by specific repertoires of actin-binding proteins. These include filament meshworks in lamellipodia, linear bundles in microspikes and filopodia, actin arcs, and cortical actin juxtaposed to the cell membrane. In growth cones, the motile tip of neurites, some combination of these actin structures is always present (Figure 2.2). Growth cones, although pleiomorphic, typically have three distinct regions: a peripheral domain, a transition zone, and a central domain (Lowery and Van Vactor, 2009). The peripheral domain has multiple radially oriented filopodia with lamellipodia veils in between. In the transition zone, transversely oriented actin arcs are located. The central domain is largely devoid of F-actin, but rich in microtubules and organelles. Like the underlying individual filaments, these actin structures in the peripheral growth cone are extremely dynamic, being constantly remodeled in order to direct the movement of the growth cone. A vital aspect of this dynamics is actin retrograde flow, which is the rearward displacement of actin filaments away from the leading edge toward the center of the growth cone. Actin retrograde flow is the combined result of actin polymerization and depolymerization kinetics (treadmilling) in coordination with actomyosin contractility (Medeiros et al., 2006; Figure 2.2). The polymerization of actin filaments occurs preferentially at the leading edge of growth, which is likely the result of the enrichment of proteins that promote de novo F-actin assembly, such as formins or Wiskott–Aldrich syndrome protein (WASP), that adjoin actin assembly to the membrane (Pak et al., 2008).
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Figure 2.2 The neuronal cytoskeleton and the growth cone. (a) Immunostaining of a Stage 2–3 hippocampal neuron shows two of the major components of the neuronal cytoskeleton: microtubules (green) and actin (red). Microtubules comprise the major structural element of the cell body and the neurite processes, whereas F-actin localizes mainly to the growth cones. (b) Expanded schematic of the large growth cone from the neuron in (a). Growth cones are classically subdivided into three distinct regions: the peripheral domain, the central domain, and the transition zone. The peripheral domain contains linear actin bundles underlying filopodia and a mesh-like actin network in lamellipodial veils. The central domain is largely devoid of actin filaments but contains radially oriented microtubules that are bundled proximally and splay out distally occasionally extending into the peripheral growth cone. The transition zone demarcates the central domain and the peripheral domain and contains transverse bundles of actin filaments called actin arcs. (c, d) Expanded regions indicated in panel (b) show details of cytoskeletal organization and dynamics in different regions of the growth cone. (c) Actin arcs are generated in the transition domain as actin filaments are reorganized and compressed via the actions of myosin II contractility and the pressure of actin polymerization at the leading edge. Microtubules are constrained into the central domain or reoriented by the actin arcs. Microtubules can undergo rapid disassembly or catastrophies which can be aided by KIF2A. The occasional microtubule extends beyond the transition zone into the peripheral domain. (d) The meshwork actin organization and dynamics in lamellipodial veils is thought to be the result of various actin-binding proteins. Arp2/3 complex network nucleates actin branches off existing actin filaments and other actin-binding proteins (e.g., filamin, not shown) maintain actin filaments in a branching pattern. The barbed (+) ends are oriented toward the membrane, so actin polymerization occurs mainly at the leading edge of the growth cone, and the combined effect of multiple sites of polymerization pushes the leading edge forward. Actin filaments continuously flow in a retrograde manner due to the combined effects of actin treadmilling (polymerization distal and depolymerization proximal) and actomyosin contractility toward the transition zone. F-actin retrograde flow can cause microtubules to buckle and break as they grow along F-actin bundles. (e) Uniformly polar actin filaments are bundled in filopodia via specific actin-binding proteins (e.g., fascin, not shown). Actin is polymerized exclusively at the tips of filopodia pushing the membrane forward. In filopodia, anticapping proteins such as Ena/Vasp aid in actin polymerization. Away from the membrane, ADF/cofilin proteins bind to older portions of the actin filaments and sever and disassemble actin, which can then be recycled for further polymerization. Microtubule growth along filopodia is mediated by various proteins and/or protein complexes such as EB-3–drebrin. Microtubule polymerization is regulated in part by end-binding proteins such as EB-1 and by tubulin-heterodimer-binding proteins such as CRMP-2 and stathmin, which aid or impede microtubule polymerization, respectively.



In growth cones, this results in an actin-network organizational matrix with the plus ends of actin filaments oriented distally and the pointed ends oriented proximally. The important consequence of this is that the direction of filament growth is always perpendicular to the leading edge membrane and parallel to the direction of neurite advance. The combined effect of the polymerization of networks of actin filaments can provide a pushing force to drive membrane expansion, but only under certain conditions. The so-called ‘clutch hypothesis’ ventures that the physical coupling of actin filaments to components of the extracellular matrix (ECM) transmits a traction force (the clutch is engaged), allowing actin polymerization to push the membrane forward while diminishing retrograde flow rates (Mitchison and Kirschner, 1988; Suter and Forscher, 1998). Increasing the concentrations of ECM, such as N-cadherin does indeed increase axon outgrowth and growth cone-substrate adherence (Bard et al., 2008). However, it is possible that, in the absence of adhesion molecules, growth cones, like leukocytes, can have an adaptive modulation of actin turnover kinetics and increase retrograde flow rates to drive forward protrusions (Renkawitz et al., 2009).

Thus, actin retrograde flow has been likened to the engine that powers growth cone motility and axon extension. However, in the absence of actin filaments, the axon drives forward at even faster rates, propelled solely by the action of microtubules (Bradke and Dotti, 1999; Marsh and Letourneau, 1984). With depolymerized actin, neurites grow abnormally without direction ignoring environmental cues that normally influence navigation. The F-actin network in growth cones therefore may actually moderate neurite extension by limiting microtubule advance. As a barrier to uncontrolled microtubule growth, the modulation of F-actin structure and turnover are required for the changes in velocity and direction of neurite growth. The growth cone actin network is thus more like a combination of the brakes, steering, drive-train as well as parts of the engine of the neurite (Lowery and Van Vactor, 2009). Therefore, the modulation of how actin filaments are assembled, organized, and disassembled has bearing on growth cone dynamics, axon formation, and the development of neuronal polarity.



2.3.2 Actin Dynamics During Axon Formation

Actin superstructures largely determine growth cone shape and dynamics, which in turn determine axon growth rates. During neuronal polarization, changes in growth cone shape and dynamics precede axonogenesis. In Stage 2 neurons, one growth cone enlarges and displays increased dynamics before elongating into an axon (Bradke and Dotti, 1999; Kunda et al., 2001; Figure 2.3). The F-actin in this growth cone also has increased sensitivity to cytochalasin D, analogous to the axonal growth cone of Stage 3 neurons, suggesting that increased actin turnover occurs prior to axon growth (Bradke and Dotti, 1999). The remaining growth cones of Stage 2 neurons remain small and quiescent with a more rigid actin cytoskeleton. From these observations a hypothesis emerged that the regulation of actin in growth cone was crucial for the development of neuronal polarity.
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Figure 2.3 Changes in microtubules and actin facilitate axon formation. Axon formation is the foremost event in neuronal polarization and specific changes in microtubules and actin are necessary for this to occur. Generally, increased microtubule stability and actin instability cooperate to promote axon initiation. In Stage 2 neurons, all of the immature neurites have the potential to become the axon. All of the neurites have quiescent growth cones and similar microtubule organization with microtubules largely constrained in the central domain of the growth cones. During the Stage 2–3 transition, one growth cone enlarges and displays increased dynamics which is reflected in increased F-actin turnover. The increased dynamics of the actin relieve inhibitory constraints on the microtubules which can extend into the periphery of the growth cone. The remaining neurites have less dynamic growth cones and more rigid F-actin. The microtubules of the presumptive axon also exhibit increased stability compared to the other minor neurites. Following axon formation, in Stage 3 neurons, the growth cone continues to display increased dynamics and actin turnover. In addition, the increased microtubule stability persists in the axonal neurite shaft, while the microtubules of nascent dendrites remain, in comparison, largely instable.



The first evidence that the regulation of actin dynamics could be involved in axon growth comes from seminal work by Marsh and Letourneau (1984) who showed that destabilization of the neuronal actin cytoskeleton with cytochalasin permitted neurite growth in dorsal root ganglion (DRG) neurons. Later work specifically showed the role of actin destabilization in neuronal polarization: treatment of cultured hippocampal neurons with cytochalasin D induced the formation of multiple axons (Bradke and Dotti, 1999). Further, the local application of pulses of cytochalasin D treatment on one undifferentiated neurite of a Stage 2 neuron could induce the treated neurite to become an axon. Even after axonogenesis, the minor processes of Stage 3 neurons can be transformed into axons with the pharmacological actin depolymerization (Bradke and Dotti, 2000), demonstrating that axon–dendrite fate is plastic and that this plasticity is governed, in part, by the regulation of actin dynamics. Although these studies showed that increased actin destabilization or turnover was sufficient to induce axon initiation, they did not address the endogenous regulators of actin that could be involved in axonogenesis.

A plethora of actin-binding proteins are expressed in developing neurons (Dent and Gertler, 2003), but only a handful have been implicated in the regulation of neuronal polarization. These actin-binding proteins affect different features of the actin network including actin nucleation, severing, branching, and bundling (Figure 2.2). Arp2/3 proteins are actin nucleators that initiate actin polymerization on the sides of existing actin filaments resulting in branched actin structures underlying lamellipodial veils (Ishikawa and Kohama, 2007). Formins are actin nucleators that are thought to mediate actin polymerization in filopodia (Faix and Grosse, 2006; Kovar, 2006), although recent studies also implicate Arp2/3 in filopodia formation (Korobova and Svitkina, 2008). Both Arp2/3 and formins have been implicated in neuronal polarization. Silencing of Arp2/3 decreases axon growth via abnormal actin remodeling and decreased actin dynamics (Korobova and Svitkina, 2008). Likewise, the expression of dominant negative mDia or siRNA knockdown of mDia attenuates axon growth in CGNs (Arakawa et al., 2003). However, it was shown by a different group that inhibition of Arp2/3 by scavenging the protein complex from its place of action enhances axon growth (Strasser et al., 2004). As all these conflicting data are from neuronal cell culture experiments, the physiological role for Arp2/3 in neuronal polarization remains to be elucidated.

Regulators of actin nucleators have also been implicated in neuronal polarization. Wave (WASP-family verprolin-homologous protein) forms a complex with Sra1 and Nap1 which localizes to growth cone lamellipodia where it regulates actin polymerization via Arp2/3 and profilin (Pilo Boyl et al., 2007; Takenawa and Miki, 2001; Takenawa and Suetsugu, 2007). The WAVE complex promotes axon growth and the knockout of Nap1, an essential component of the WAVE complex results in reduced axon extension (Kawano et al., 2005; Yokota et al., 2007). Further, WAVE complex has been shown to mediate axon extension downstream of Rac1 in CGNs, presumably through regulation of Arp2/3 (Tahirovic et al., 2010).

Proteins of the Ena/Vasp family also enhance actin polymerization kinetics via their anticapping activity and in growth cones localize to the leading edge of extending filopodia and lamellipodia (Drees and Gertler, 2008; LeBrand et al., 2004). Genetic ablation of all three Ena/Vasp proteins in cortical neurons results in severely reduced axonal tract formation in vivo and a failure of neuritogenesis in vitro (Dent et al., 2007; Kwiatkowski et al., 2007). These mutant neurons have aberrent actin bundling, filopodia formation, and a reduction of actin retrograde flow (Dent et al., 2007). Ena/Vasp proteins can also cooperate with profilin to deliver actin monomers to the plus end of growing actin filaments (Barzik et al., 2005). Profilins are actin-monomer-binding proteins that aid in the exchange of ADP for ATP, priming G-actin for incorporation into the barbed ends of actin filaments (Witke, 2004). The silencing of profilin IIa decreases actin filament density and leads to increased neurite outgrowth (Da Silva et al., 2003). High profilin activity in the absence of increased actin depolymerization, thus, may attenuate axon development by increasing actin filament polymerization and density.

The aforementioned pharmacological experiments on actin depolymerization alluded to the presence of endogenous proteins that would accelerate actin turnover to facilitate axon formation. Members of the ADF/cofilin family are such proteins. ADF/cofilin proteins bind preferentially to the ADP-actin subunits toward the minus ends of actin filaments and increase actin turnover by severing actin filaments and increase depolymerization at the minus end (Bamburg, 1999). Cofilin and, to a lesser degree, ADF are expressed in brain and specifically localized to growth cones (Garvalov et al., 2007). During early neuronal polarization, ADF/cofilin activity increases in the largest growth cone of a Stage 2 neuron and in the axonal growth cone of a Stage 3 neuron and this increased activity is mediated by the Rho GTPase, cdc42. Reduction of cofilin levels with siRNA attenuates axon development whereas the overexpression of cofilin facilitates axon growth (Garvalov et al., 2007; Meberg and Bamburg, 2000). Although the genetic ablation of cofilin has drastic consequences on neuronal cell proliferation and migration, there is only a subtle effect on axon growth (Bellenchi et al., 2007). However, ADF expression is elevated and could partially compensate for reduced cofilin expression. In support of this, the genetic ablation of both ADF and cofilin results in a drastic reduction of neurite formation and axon outgrowth which is the consequence of a near-complete loss of actin retrograde flow and turnover (Flynn et al., submitted). Since pharmacological actin destabilization rescues neurite growth, actin destabilization is required for neurite growth and subsequent axon development.

Myosin-II-mediated actin contractility also contributes to retrograde flow and regulates actin dynamics in growth cones (Lowery and Van Vactor, 2009; Medeiros et al., 2006; Figure 2.2). Myosin II is a motor protein that generates contractile forces in actin filament networks leading to compression of actin gels, the sliding of bundled actin filaments (Brown and Bridgman, 2003; Ishikawa et al., 2003) and can even lead to actin disassembly (Haviv et al., 2008). Notably, myosin II is highly enriched in the transition domain of growth cones, where it compresses actin filament bundles into actin arcs (Medeiros et al., 2006; Figure 2.2). Inhibition of myosin II activity with pharmacological inhibitors or genetic knockout of myosin II isoforms leads to increased neurite growth, accelerated axonal development, and increased development of ectopic axons (Flynn et al., 2009; Kollins et al., 2009). Increased myosin II activity may oppose axon development by increasing the rigidity of the actin network and decreasing actin-based growth cone dynamics and by indirectly limiting microtubule dynamics in growth cones. Indeed, inhibition of myosin II with pharmacological inhibitors reduces F-actin levels in growth cones, decreases actin retrograde flow, and allows microtubules to protrude farther into the peripheral domain of growth cone (Ketschek et al., 2007; Medeiros et al., 2006).

Actin organization and dynamics are regulated to facilitate growth cone motility and axon growth – the first step of neuronal polarization. Generally, changes in actin organization and/or dynamics that increase actin turnover and growth cone dynamics are conducive for axon elongation, whereas changes that lead to actin stabilization are refractory to axon development. To achieve this, there is a tight regulation of actin polymerization and depolymerization (severing) in the growth cone during axon formation: disruptions in either process disrupt neuronal polarization. These actin rearrangements not only lead to more actin turnover and a more dynamic growth cone but also directly influence microtubule dynamics and advance, which is the driving force for axon growth. The remodeling of the actin cytoskeleton also plays a role in later events of neuronal polarization, including the development of diffusion barriers between the axon and dendrites (the axon initial segment, AIS), the outgrowth and arborization of dendrites, and synaptogenesis. These processes are briefly discussed later in this chapter and in greater detail in other chapters of this book (Chapters 28; 29; 30; 32; 33; 31; 37; 38; 39; 40; 36; 10; and 11).



2.3.3 Microtubules

Microtubules play important roles in many cellular functions, including neuronal morphogenesis. During neuronal development, microtubules must form stable bundles which grow and reorganize to provide the main structural framework for the shafts of axons and dendrites. In fact, microtubules are the driving force underlying neurite extension. As with actin, many of the signaling pathways involved in neuronal polarization impinge upon proteins that modulate microtubule stability and dynamics. Further, microtubules serve as the tracks for intracellular trafficking. Recent work has indicated that microtubules are actively regulated during neuronal polarization, changing in their dynamics, stability and organization during axon formation and the subsequent neuronal morphogenesis (Hoogenraad and Bradke, 2009).

Microtubules are assembled from soluble tubulin dimers, which, like actin, can self-assemble into polymers (Desai and Mitchison, 1997; Box 2.2). Soluble tubulin exists as a heterodimer, consisting of α- and β-tubulin, which are the separate products from different genes and share about 50% amino acid homology. Further, there are multiple isoforms of α- and β-tubulin, which can be differentially modulated by posttranslational modifications such as tyrosination, detyrosination, acetylation, polyglutamylation, and phosphorylation (Janke and Kneussel, 2010). The tubulin isoform composition of microtubules and the modifications they are subject to can influence the binding of microtubule-binding proteins, microtubule motors, and the dynamic properties of microtubules. An additional tubulin isoform, γ-tubulin shares around 30% homology with α- and β-tubulin(Moritz and Agard, 2001). γ-Tubulin is organized in large complexes that form an open ring structure, called the γ-tubulin ring complex (γTuRC) that plays an important role in microtubule nucleation (Raynaud-Messina and Merdes, 2007).


Box 2.2

Microtubule dynamics

During polymerization the α/β-tubulin heterodimers arrange into linear protofilaments that associate laterally to form the hollow microtubule cylinders. In most mammalian cells, microtubules form a tube of 13 protofilaments. Within a protofilament, the tubulin heterodimers associate in a head-to-tail fashion. This makes microtubules intrinsically polar, resulting in two structurally and kinetically different ends: the highly dynamic plus end and the less dynamic minus end. The α-tubulin within the dimer is oriented toward the plus end, and the β-tubulin subunit toward the minus end (Desai and Mitchison, 1997; Howard and Hyman, 2003). Microtubules are intrinsically dynamic, a feature termed dynamic instability. They undergo periods of growth and shrinkage at the microtubule plus end. Dynamic instability allows microtubules to switch abruptly from growth to shrinkage (catastrophe) and from shrinkage to growth (rescue) (Howard and Hyman, 2003; Mitchison and Kirschner, 1984). The assembly and disassembly of microtubules are important for their generation but also their dynamic properties. The assembly of microtubules can be characterized by three steps: the first phase is defined by a thermodynamically unfavorable and therefore rate-limiting nucleation step. It is followed by rapid elongation of the polymer and finally by a steady-state phase. In the nucleation step small oligomers of α/β-tubulin heterodimers form a nucleus. Once a stable oligomer of a certain size is reached, rapid polymerization of the microtubule occurs. During the steady-state microtubules display the dynamic instability, when microtubules switch randomly at their plus ends between ‘catastrophe’ and ‘rescue’ leading to their highly dynamic behavior (Howard and Hyman, 2003; Mitchison and Kirschner, 1984). To maintain the dynamic instability, microtubules consume energy by the hydrolysis of GTP. β-Tubulin has a GTP-hydrolyzing activity that is strongly activated when the dimer is incorporated into the polymer. This hydrolyzing activity leads only to a small layer of tubulin dimers at the plus end that are bound to GTP, the so-called GTP cap. It stabilizes the plus end, because GDP-bound microtubules are intrinsically more instable. If new polymerization is slower than the GTP hydrolysis, the plus end becomes unstable and results in catastrophe (Howard and Hyman, 2003; Mitchison and Kirschner, 1984). The dynamic behavior of the minus ends is not of interest in vivo, because they are generally capped and thus stabilized (Dammermann et al., 2003). Because GTP hydrolysis is not necessary for microtubule polymerization, the GTP hydrolysis is only important for the dynamic properties of microtubules.[image: image]



Microtubules nucleate and polymerize spontaneously in vitro when α/β-tubulin concentrations are high. However, in cells, the intracellular monomer concentration seems too low for spontaneous nucleation, although this possibility has not been excluded (Job et al., 2003). Therefore, microtubule formation is assisted by specific structures called microtubule organizing centers (MTOCs) (Luders and Stearns, 2007). MTOCs allow the cell to control where and when to assemble microtubules. The conventional MTOC in animal cells is the centrosome, an organelle next to the nucleus. Recently, also centrosome-independent and decentralized microtubule formation has been identified in many organisms and cell types (Bartolini and Gundersen, 2006; Luders and Stearns, 2007).

After assembly, individual microtubules assume a polarized tubule structure that are arranged together into linear arrays in the axon. They are dynamic, yet rigid cylindrical polymers of α/β-tubulin heterodimers with a diameter of about 25 nm (Box 2.2). Microtubules have a unique organization in neurons. In contrast to many somatic cells, neuronal microtubules are not anchored at the centrosome, but are abundant in the cytoplasm throughout the whole cell body and funnel into the processes (Baas, 1999). The microtubules reach lengths up to 100 μm within the neurite shafts and are organized in regularly spaced, parallel arrays. During polymerization the α/β-tubulin heterodimers arrange into linear protofilaments that associate laterally to form the hollow microtubule cylinders. After nucleation, microtubule minus ends are capped in cells, so that most of the interesting dynamics relevant for neuronal polarity occur at the plus ends. Microtubule plus ends oscillate between periods of slow growth and rapid shortening events called ‘catastrophies,’ which can be ‘rescued’ and growth reinitiated. This polymerization and depolymerization behavior is called dynamic instability (Box 2.2).

The polymerization and depolymerization dynamics of microtubules are critical for their cellular functions, including their role in neuronal morphogenesis (Conde and Caceres, 2009). Microtubules can grow methodically or rapidly disassemble and reorient their direction of growth. These features facilitate growth cone turning and axon guidance. Further, microtubules can generate pushing forces during growth phases and pulling forces during shrinking phases that influence neurite elongation and retraction, respectively. Microtubule assembly and disassembly are regulated by various microtubule-binding proteins that can promote assembly, stabilize microtubules or destabilize microtubules. Many of these proteins play an active role in neuronal polarization.

In addition to the modulation of microtubule dynamic instability, the structural regulation of microtubules into bundles is also essential for neuronal morphogenesis. Dense bundles of microtubules make up the main structural framework of both dendrites and axons. However, in mature neurons, axons and dendrites differ in their microtubule organization. In proximal dendrites, microtubules have a mixed polarity, with a population of plus ends facing the cell body and a population facing the distal dendrite. In axons, the microtubules predominantly have a plus-ends-distal orientation. This difference is not the case before axonogenesis, where all neurites have uniform polarity microtubules with the plus-ends distal. The conversion of the uniform polarity to mixed polarity microtubules in dendrites is a key process underlying axon–dendrite differentiation. It partially underlies differences in the growth behavior and the morphological differences of axons and dendrites. Further, these differences in microtubule organization contribute to selective intracellular trafficking as discussed below.



2.3.4 Microtubules Dynamics During Axon Formation

Microtubules are essential for neurite growth. Early studies demonstrated that the expression of microtubule-binding proteins, such as Map2c, which promote microtubule bundling and stabilization, induce neurite-like protrusions in nonneuronal cells (Edson et al., 1993). The importance of microtubule dynamics in axon growth was first demonstrated with drugs that specifically stabilize or destabilize microtubules. Treatment of cultured neurons with either taxol, which stabilizes microtubules, or nocodazole, which depolymerizes microtubules, leads to an inhibition of axon outgrowth (Letourneau and Ressler, 1984; Rochlin et al., 1996; Tanaka et al., 1995), demonstrating that microtubule dynamics were essential for axon extension. More recent studies have specifically shown that modest microtubule stabilization is sufficient to induce axon formation (Witte et al., 2008). When a low concentration of taxol was applied to Stage 2 hippocampal neurons, multiple axons formed. Even selective microtubule stabilization in one neurite with photorelease of caged taxol resulted in site-directed axon formation. The supernumerary axons in taxol-treated neurons also had increased levels of acetylated tubulin, a posttranslational modification associated with microtubule stabilization. The stable microtubules could serve as the basis for further microtubule assembly, as local taxol application also promotes the extension of newly polymerized microtubules (Witte et al., 2008). Additionally, stable microtubules may serve as preferred tracks for microtubule-based motors transporting membrane, organelles, and proteins supporting axon elongation.

Various posttranslational modifications influence neuronal polarization via microtubule stabilization and via the modulation of microtubule-binding proteins and motors. In axons, it was recognized early on that there were two domains of microtubules based on α-tubulin modifications. The first domain, consisting of the proximal neurite shaft is enriched in detyrosinated tubulin, or Glu-tubulin, and is resistant to the microtubule depolymerizing drug nocodazole. The distal region of the axon is enriched in tyrosinated tubulin and rapidly depolymerizes with nocodazole (Conde and Caceres, 2009). Acetylation is another modification that occurs on stable long-lived microtubules, although it does not contribute to microtubule stability itself (Janke and Kneussel, 2010). Studies on developing hippocampal neurons have shown that in Stage 2 neurons there is a polarized distribution of the ratio of acetylated to tyrosinated tubulin in one neurite (Witte et al., 2008). This polarized accumulation of acetylated microtubules is also observed in the axon of Stage 3 neurons, suggesting that microtubule stabilization proceeds axon specification (Figure 2.3). Further, increased posttranslational modifications including acetylation and detyrosination specifically promote the binding and transport of kinesin-1 motors (Hammond et al., 2010; Reed et al., 2006), which can help molecular sorting of axonal cargos. In axons, further stabilization to microtubules occurs by the irreversible removal of the penultimate glutamine residue of detyrosinated tubulin resulting in Δ2 tubulin (Paturle-Lafanechere et al., 1991, 1994). The detyrosination of tubulin can be reversed by tubulin tyrosine ligase (TTL), which could lead to more dynamic microtubules (Barra et al., 1988). Genetic ablation of TTL abolishes the presence of tyrosine tubulin in neurons and increases the resistance of microtubules to nocodazole-mediated depolymerization and the abnormal binding of microtubule plus-end-binding proteins, such as Clip-170 (Erck et al., 2005). Interestingly, cultured TTL knockout neurons display accelerated axonogenesis and increased formation of supernumerary axons, indicating that TTL-mediated microtubule modifications (resulting in increased microtubule stability) mediate axon specification. Since TTL only retyrosinates free tubulin, the result is that the majority of newly polymerized tubulin comprise tyrosinated tubulin (Janke and Kneussel, 2010). Tyrosinated tubulin favors the binding of certain plus-end-binding proteins that regulate microtubule dynamics and interactions with actin in the growth cone, which, in turn facilitates the rapid remodeling of the cytoskeleton necessary for regulating outgrowth rate and steering the growth cone. In the shafts of developing axons, detyrosinated tubulin (and acetylated tubulin) dominates. This favors the binding of KIF5 (kinesin-1) into the axonal compartment (Konishi and Setou, 2009). Thus, it appears that the tyrosination/detyrosination state of microtubules contributes to a selectivity filter for the binding of specific sets of microtubule-binding proteins and molecular motors which influences neuronal polarization.

The tyrosination/detyrosination state of microtubules does not seem to affect the binding of the structural microtubule-associated proteins (MAPs), MAP2 or MAP4 (Janke and Kneussel, 2010). However, other MAPs are affected by these and other posttranslational modifications. The canonical, structural MAPs are a group of proteins that copurify with tubulin after repeated rounds of depolymerization and reassembly. These proteins have been demonstrated to promote the assembly of microtubules and stabilize microtubules presumably via the formation of cross-bridging between adjacent microtubules (Hirokawa, 1994). The most abundant neuronal Maps, Map1B, Map2, and Tau are differentially distributed in axons and dendrites and thought to contribute to neuronal polarization via stabilizing effects on microtubules and by influencing the interactions of other microtubule-binding proteins. Although Map1B is found throughout neurons, a phosphorylated form, which has increased microtubule stabilizing activity is specifically localized in developing axons (Boyne et al., 1995). Specific Map2 isoforms (A and B) are localized to dendrites later in neuronal development, whereas tau is enriched in axons (Conde and Caceres, 2009). In spite of specific subcellular localizations, there are overlapping functions of these Maps. The ablation of Map1B results in stunted axon development, decreased growth cone size, and a decreased microtubule polymerization dynamics (Gonzalez-Billault et al., 2001). Interestingly, the deletion of the Tau-1 or Map2 does not affect axon formation, gross microtubule organization, or growth cone size in younger neurons (Takei et al., 2000; Teng et al., 2001). However, the combinatorial deletion of Map1B with either Map2 or Tau results in similar abnormalites: reduced axon and minor neurite growth, disorganized microtubules, and growth cone defects (Takei et al., 2000; Teng et al., 2001). At first glance, these data suggest that these Maps are functionally redundant. This is certainly true, to some degree. However, there are distinctions that are likely important to neuronal polarization. Map1B has synergistic effects with both Map2 and Tau, and, therefore, may represent a more comprehensive Map that can compensate for deficiencies in either of the other Maps. Map2 and Tau are more finely tuned. In the absence of Map1B, the ablation of Map2 has greater consequences on dendritic growth, whereas the ablation of Tau causes more severe axon growth defects, correlating with their localization. In later stages of development, the importance of Map2 in dendritic development becomes more apparent as Map2 deficient neurons have impairments in dendritic arborization (Harada et al., 2002). The binding of MAPs also affect the microtubule growth dynamics in neurons. For example, the neuronal polarization deficits of Map1B mutant neurons is partially rescued by the expression of end-binding protein 1 EB-1 (Jimenez-Mateos et al., 2005), which can enhance microtubule polymerization.

The modulation of microtubule polymerization and depolymerization dynamics also influences axon growth. In simple terms, a positive potential for microtubule growth exists in the developing axon during neuronal polarization. In addition to the availability of free tubulin, other microtubule-binding proteins influence microtubule growth and shrinkage. Proteins and protein complexes that bind the ends of microtubules can aid the polymerization of microtubules or, alternatively, facilitate the rapid dismantling of microtubules. Further, free tubulin-binding proteins that aid or prohibit free tubulins, ability to incorporate into microtubule plus ends also impact neuronal development (Figure 2.2).

Microtubule plus-end-tracking proteins (+Tips) are a diverse group of proteins that accumulate at the plus ends of microtubules. By influencing microtubule growth dynamics and directionality, cellular signaling and interactions with actin filaments and the cell cortex, the +Tips influence various aspects of neuromorphogenesis, including the development of neuronal polarity (Akhmanova and Steinmetz, 2008; Conde and Caceres, 2009; Figure 2.2). During axonogenesis, the +Tip adenomatous polyposis coli (APC) was shown to accumulate specifically in the developing axon and not in the minor processes. Inhibiting APC with function-blocking mutants or siRNA inhibits axon growth either by interfering with microtubule interaction with the cell cortex or by aberrant targeting of Par3, a key protein in polarization of diverse cell types (Purro et al., 2008; Shi et al., 2004; Zhou et al., 2004). The end-binding proteins EB-1 and EB-3 are the essential core elements of plus-tip-binding protein complexes, which are highly and differentially expressed during neuronal development. EB-1 expression is elevated during axonogenesis, and depletion of EB-1 in neuronal cell lines decreases neurite outgrowth (Stepanova et al., 2010). Significantly, these decreases in neurite outgrowth coincided with decreased microtubule growth rates and the lengths, suggesting that EB-1 regulates neurite growth directly by influencing microtubule growth dynamics. EB-3 also plays a role in neuronal development, albeit via a different mechanism. EB-3 interacts with the actin-binding protein drebrin to coordinate microtubules and actin during neurite initiation and growth (Geraldo et al., 2008). Members of the cytoplasmic linker protein famliy, Clip115/Clip170, also play an important role in axonogenesis. The expression of dominant negative Clip170 inhibits axon formation, whereas the expression of microtubule-binding domain of Clip170 promotes the formation of multiple axons (Neukirchen et al., submitted). Clip170 may exert its effects on neuronal polarization by promoting growth cone consolidation into the neurite shaft at the wrist of the advancing growth cone. Although most +Tips bind to growing microtubules, some bind to the plus ends of shrinking microtubules. The motor protein KIF2A, a member of the kinesin 13 family, binds to plus ends, is enriched in growth cones and uses ATP hydrolysis to fuel its microtubule depolymerization activity (Hirokawa and Noda, 2008). The ablation of KIF2A results in abnormal axonal outgrowth patterns with increased collateral branch growth due to decreased microtubule depolymerization in growth cones (Homma et al., 2003).

Doublecortin (DCX) is another MAP that is found preferentially near the plus ends of microtubules that play a role in microtubule stability, bundling and protofilament number. With regard to microtubule dynamics, DCX-binding between microtubule protofilaments reduces microtubule catastrophies by limiting their tendency to splay outward (Moores et al., 2006). DCX also may facilitate crosstalk between microtubules and actin via neurabin II. Mutations in this X-linked gene leads to neurological disorders in humans: in females some cortical neurons migrate abnormally and result in a ‘double cortex’ (hence DCX), while in males it results in type 1 lissencephaly (des Portes et al., 1998). Recent work has indicated that, in addition to neuronal migration defects, axon outgrowth is also impaired in DCX knockout mice and even in humans with the disease-causing DCX mutations (Bielas et al., 2007). In mice, the DCX deletion causes excessively branched axons in culture and severely reduced axonal tracts in vivo. These phenotypes are due to the increased splaying of microtubules in DCX knockout neurons. A protein phosphatase 1-spinophilin pathway mediates the dephosphorylation and activation of DCX in the zone between the axon shaft and the growth cone, where microtubules are being bundled to facilitate the consolidation phase of axon growth (Bielas et al., 2007). Thus, DCX has a role in axonogenesis via its bundling activity and by mediating interactions with actin to promote the consolidation of the growth cone into the elongating axonal shaft. LIS1, another gene implicated in lissencephaly, has also been implicated in axon formation by acting in concert with dynein to allow dynamic microtubules to resist F-actin retrograde flow and penetrate the peripheral domain in growth cones (Grabham et al., 2007).

The collapsin-response mediator protein-2 (CRMP-2) was first identified for its role in semaphorin-mediated growth cone collapse (Goshima et al., 1995). It is highly and specifically expressed in the developing nervous system and was identified as a crucial microtubule-regulating protein during axonogenesis (Inagaki et al., 2001). CRMP-2 binds to free tubulin heterodimers and enhances microtubule assembly (Fukata et al., 2002). While the expression of wild-type CRMP-2 promotes axonogenesis, mutant forms of CRMP-2 that lack the domain responsible for binding free tubulin inhibits axon growth and branching (Fukata et al., 2002). CRMP-2 is regulated by glycogen synthase kinase 3 β (GSK3β), which phosphorylates CRMP-2, inhibiting its ability to bind tubulin heterodimers and mediate axon induction (Yoshimura et al., 2005). GSK3β is one pivotal signaling protein at the center of signaling pathways engaged during neuronal polarization (Jiang and Rao, 2005). Thus, the regulation of CRMP-2 downstream of established polarization signaling pathways, promotes its role as carrier of tubulin dimers, enhancing their delivery to the plus ends of microtubules, thereby aiding axon elongation. Additionally, CRMP-2 transports also the WAVE complex into the axon and, thereby, also influences actin dynamics (Kawano et al., 2005). CRMP-2 could work as a more general cargo adaptor for kinesin-1, which could also influence axon formation. Lastly, CRMP-2 regulates Numb-mediated endocytosis of adhesion molecules, yet another possible mechanism whereby CRMP-2 affects axon growth (Nishimura et al., 2003).

Other free tubulin-binding proteins act to destabilize microtubules by preventing polymerization. Proteins of the SCG-10, Stathmin/Op-18 family bind to free tubulin heterodimers and sequester them in the neuronal cytoplasm. This allows the disintegration of the GTP-cap, which can lead to rapid disassembly of microtubules. Stathmin/Op-18 activity is regulated by phosphorylation, which inhibits its ability to bind to free tubulin and destabilize microtubules (Manna et al., 2006; Wittmann et al., 2004). Laminin, an ECM molecule that induces axon formation (Esch et al., 1999), induces stathmin dephosphorylation and inactivation downstream of the Rac GTPase activator, Dock 17 (Watabe-Uchida et al., 2006). There is a polarized distribution of the inactive, phosphorylated version of Stathmin/Op-18 in the developing axon compared to the minor processes, suggesting that the microtubule destabilizing effects of Stathmin/Op-18 are refractory to axon growth. Likewise, the expression of an unphosphorylatable, constitutively active Stathmin/Op-18 reduces neuronal polarization (Watabe-Uchida et al., 2006).

Analogous to the actin cytoskeleton, not only microtubule destabilization, but also microtubule severing is important for neuronal development. At various locations throughout a neuron, including the centrosome, branch points, and the growth cone microtubule severing can lead to the reorganization of microtubules and contribute to neuronal morphogenesis, especially in collateral branching. Furthermore, locally severed microtubules could also serve as new seeds for microtubule growth and, thereby, increase microtubule number and mass, as described for the formation of the meiotic spindle in Caenorhabditis elegans (Roll-Mecak and Vale, 2006). There are two main microtubule severing proteins expressed in neurons, katanin and spastin which not only have some overlapping functions but also important distinctions. Katanin is distributed throughout the neuron and has its highest level of expression during axon growth which reduces after target selection. The tight modulation of moderate katanin activity is important for axon growth: both blocking katanin function and enhancing it cause defects in axon growth (Karabay et al., 2004). Thus, both too little and too much microtubule severing are deleterious for axon growth. Interestingly, in the absence of tau binding, katanin activity induces collateral branching in axons, indicating that tau protects axonal microtubules from katanin-mediated severing and branching (Qiang et al., 2006). Spastin has more of a role in microtubule rearrangements leading to collateral branching (Yu et al., 2008). Axonal branching is increased with increased spastin levels and decreased with spastin depletion. Unlike katanin, spastin activity does not affect neuronal polarization.

Although axon growth depends on microtubule polymerization (Tanaka et al., 1995), it is rather the formation of new microtubules than the extension of existing microtubules that delivers the polymers necessary for axon extension (Yu and Baas, 1994). During recent decades it has been intensely debated how and where the microtubule arrays in axons are formed. First mentioned by Lasek (1986), the ‘polymer transport model’ proposed that microtubules are nucleated at the centrosome, released from the centrosome through the microtubule severing protein katanin (Ahmad et al., 1998; Baas et al., 2005) and then transported along the axon by the motor protein dynein (Ahmad et al., 1998; Wang and Brown, 2002). In contrast, other groups reported that, if nothing else, growing microtubules are not transported in axons and most microtubules are stationary (Kim and Chang, 2006; Ma et al., 2004). Moreover, tubulin is transported into the axon and to the growth cone in its nonpolymerized form (Kimura et al., 2005; Terada et al., 2000). The alternative hypothesis was therefore termed the ‘subunit transport model.’ It postulated that tubulin is transported into the processes in single subunits or oligomers that are then locally incorporated into the microtubules (Hirokawa et al., 1997). Indeed, local microtubule polymerization occurs in comparable rates throughout all neuronal compartments (Stepanova et al., 2003). Consistently, local inhibition of microtubule assembly at the axon tip inhibits axonal growth, whereas inhibition at the cell body does not have an effect on axon growth (Bamburg et al., 1986). To date, both models are under discussion, especially the aspect of microtubule transport into the axon, with different groups still presenting data for both models by the use of live-cell imaging approaches (Kim and Chang, 2006; Ma et al., 2004; Wang and Brown, 2002). As the same experiments can be interpreted in different ways (Myers et al., 2006; Terada, 2003), finding the definitive answer is a complicated task. Recently, the model of centrosomal-microtubule nucleation has been challenged, at least in the context of axon growth following initial polarization: the ablation of the centrosome in Stage 3 neurons did not affect axon elongation and at later stages no new polymers were nucleated at the centrosome (Stiess et al., 2010). Therefore, there is also no new supply of new microtubule polymers from the cell body. How new microtubules are then generated remains still unclear. In addition to microtubule severing as described above, new microtubules could also be generated by decentralized, noncentrosomal-microtubule nucleation as it is observed, for example, in fission yeast, plants or the mitotic spindle (Janson et al., 2005; Murata et al., 2005; Uehara et al., 2009). This might be a general mechanism as the centrosome becomes deactivated also in different central nervous system (CNS) neurons (Leask et al., 1997; Stiess et al., 2010).

Nevertheless, it is still unclear if the centrosome position plays an active role in the determination of the axon. Polarized microtubule assembly at the centrosome could support the outgrowth of the future axon. Furthermore, the Golgi apparatus localizes next to the centrosome (Sutterlin and Colanzi, 2010) and, thus, could support axon growth by polarized membrane trafficking to the developing axon (Bradke and Dotti, 1997). However, the data are contradicting and differ from neuronal cell type (de Anda et al., 2005; de Anda et al., 2010; Dotti and Banker, 1991; Sharp et al., 1995; Zolessi et al., 2006; Zmuda and Rivas, 1998). Furthermore, it is debated if the observed correlation of centrosome position is the cause or just an epiphenomenon of the polarization itself (Arimura and Kaibuchi, 2007; Higginbotham and Gleeson, 2007; Witte and Bradke, 2008).



2.3.5 Cytoskeletal Dynamics During Dendritic Growth and Arborization

Thus far, this chapter has predominantly focused on cytoskeletal dynamics in the context of axon initiation and growth. This is for good reason, as it is the foremost event in neuronal polarization. However, in order to achieve a fully functional neuron, the dendrites must differentiate into the signal receivers of the neuron. An essential aspect of this is the elaboration of their arbors which increases their receptive field and the sites of potential contacts with presynaptic neurons. Dendritic growth and differentiation are considered in depth in other chapters of this work (Chapters 10 and 11). Thus, this chapter provides only a brief overview of the cytoskeletal changes that occur during dendritic arborization.

Like axons, the major structural components of dendrites are microtubules and actin. Many of the molecules that play a role in axon development play a similar role in dendrite growth (Luo, 2002), but at a delayed time, as dendritic growth and arborization typically occurs later, in Stage 4 neurons (Craig and Banker, 1994). In the developing cortex, dendritic growth begins after neurons are situated in their final cortical layer and undergoes phases of arbor growth coinciding with the arrival of afferent input (Jan and Jan, 2010). As in axons, the canonical Rho GTPases affect dendritic morphogenesis in a manner analogous to their influence on axon growth and mainly via their influence on the cytoskeleton. Rac1 and Cdc42 activity have a positive effect on dendritic development, whereas RhoA acts as a negative regulator of dendritic growth and branching (Urbanska et al., 2008). In spite of their similarity, important differences exist between axons and dendrites, including growth rates, microtubule organization, neurite caliber, and branching patterns (Craig and Banker, 1994). In particular, the complex and increased branching pattern distinguishes dendrites from axons. Discrepancies in the organization and regulation of the cytoskeleton during dendritic development likely account for these differences. A couple of notable differences between axons and dendrites are their microtubule organization and growth cone actin dynamics.

Whereas axons have unipolar, axial microtubule orientation, dendrites have biaxial microtubules with mixed polarity. The acquisition of the biaxial orientation of the microtubules during Stage 4 contributes to dendritic growth patterns and corresponds temporally to the acquisition of the proximodistal taper unique to dendrites (Baas et al., 1989). The acquisition of the mixed polarity microtubule array in dendrites involves the motor CHO-1 (KIF23) (Sharp et al., 1997), whereas dynein seems to maintain uniform microtubules in the axon (Zheng et al., 2008). Interestingly, at the time when dendrites grow, the centrosome does not nucleate microtubules anymore (Stiess et al., 2010). Therefore, it is unknown how the microtubule arrays are generated in neurons during dendritogenesis. Further, dendrites have a less densely packed microtubule organization, which also influences dendritic morphogenesis (Conde and Caceres, 2009). The spacing of microtubules in dendrites is mediated by Map2, as neurons deficient in Map2 display a decrease in the spacing of dendritic microtubules (Harada et al., 2002; Teng et al., 2001). Further, the outgrowth of dendrites and the elaboration of dendritic arbors are impaired in the absence of Map2 (Harada et al., 2002; Teng et al., 2001). Another Map, Map1A, becomes upregulated and specifically enriched in dendritic branch points concomitantly with dendritic differentiation in vivo and in cultured neurons (Szebenyi et al., 2005). The downregulation of Map1A reduces total dendritic length, but mainly via the inhibition of higher-order arbor initiation and growth.

In addition to the binding of specific Maps, the stability of microtubules is different in dendrites compared to axons. The ratio of microtubule acetylation/tyrosination, an indication of the levels of stable microtubules, is lower in dendrites of Stage 4 neurons in integrated neuronal networks (Gomis-Ruth et al., 2008). Consistent with this observation, microtubules in dendrites of mature neurons are more susceptible to nocodazole-mediated microtubule depolymerization resulting in the degeneration of dendrites. Further, the induction of microtubule stability with Taxol in established neuronal networks can transform dendrites into axons (Gomis-Ruth et al., 2008). It is likely that some of these differences in the cytoskeleton are established early on in neuronal development, as microtubules in young, developing dendrites are also more susceptible to nocodazole-mediated microtubule depolymerization resulting in the loss of minor neurites (Witte et al., 2008). The decreased stability and density of the microtubules undoubtedly influence the slow growth behavior of dendrites. This also may relate to why dendrites are more reliant on cellular adhesion for their growth than axons (Chamak and Prochiantz, 1989). Increasing cellular adhesion to very high levels negatively affects axonal growth disproportionally compared to dendritic growth (Lafont et al., 1993). Dendritic microtubules may be less able to resist the tensile forces of F-actin retrograde flow in growth cones, limiting their extension and causing them to be more reliant on cellular adhesion for growth. Inhibition of myosin II, which partly mediates F-actin retrograde tensile forces, increases the extension rates of immature dendritic processes (Kollins et al., 2009). The reduction of F-actin-mediated tension may allow the dendritic microtubules to grow unimpeded and facilitate dendrite growth. However, under normal growth conditions, the sparsity of microtubules and decreased stability of the microtubules are insufficient to drive extension to a level on par with axonal growth.

Growing microtubules also have to overcome a generally less dynamic and more rigid actin cytoskeleton in dendritic growth cones compared to axonal growth cones. Brief application of actin destabilizing drugs can completely depolymerize F-actin in the axonal growth cone, while actin filaments remain intact in the developing dendrites (Bradke and Dotti, 1999). In addition to the increased myosin-II-mediated actin contractility, decreased cofilin activity also likely keeps the actin of immature dendrites in a quiescent state (Garvalov et al., 2007). In support of this, BMP7 signaling, which induces dendritogenesis (Guo et al., 2001), can activate Lim kinase downstream of BMP receptor 2 leading to decreased cofilin activity (Wen et al., 2007). Even in Stage 4 neurons, more rigid F-actin is responsible for modulating dendritic growth as treatment with cytochalasin D converts dendrites into axons (Bradke and Dotti, 2000). Since both microtubule stabilization and actin instability transform dendrites into axons, dendrite fate is likely specified by microtubule–actin interactions that limit microtubule growth and maintain a quiescent actin cytoskeleton – this limits the extension rates of the dendrites. Even when dendritic growth occurs, it never reaches the velocities of axon growth (Dotti et al., 1988). Rather, the increased emergence of secondary and higher-order branches accounts for the overall increase in dendritic surface area.

The extensive branching of dendrites occurs primarily via interstitial branching (Luo, 2002). Along the shafts of dendrites, actin-rich filopodia are extremely dynamic, constantly extending and retracting. When a dendritic filopodia becomes stable, it engorges and begins elongating. The trigger for elongation and branch formation involves a synchronization of actin dynamics and microtubule invasion into the filopodia, though a direct comprehensive study into this is lacking. A couple of possible candidates specifically mediating these interactions during dendritic branching are Map2C and Map1A, both of which bind microtubules in dendrites and can induce F-actin rearrangements (Roger et al., 2004; Szebenyi et al., 2005). The importance of actin nucleation in shaping dendritic arbors was elucidated in studies that showed that, when N-Wasp-Arp2/3-mediated actin nucleation activity was disrupted, dendritic arbors were irregular (Rocca et al., 2008). The expression of another novel actin-binding protein, cordon bleu, which promotes the growth of unbranched actin filaments and filopodia, greatly increases dendritic arborization (Ahuja et al., 2007). Direct regulation of microtubules is also important for dendritic branching as cypin regulates dendrite patterning by affecting microtubule assembly (Akum et al., 2004; Chen and Firestein, 2007).

In conclusion, axon and dendrite development are both based on the cytoskeleton and share common mechanisms of growth. However, these mechanisms are differentially regulated in axons and dendrites. How these differences occur, and also how the different timing during development is regulated, still remains unclear.



2.3.6 Subcellular Cytoskeletal Specializations

In the later stages of neuronal development, subcellular specializations are formed that carry out certain functions necessary for the development and maintenance of neuronal polarization. These include the AIS, nodes of Ranvier, presynaptic terminals and postsynaptic specializations such as dendritic spines. These structures represent the pinnacle of neuronal subcellular functional specialization.

The AIS first starts forming in Stage 3–4 hippocampal neurons, following initial axon formation. AIS formation, like axonogenesis itself, is an intrinsic property of the neuron; no external cues or cellular interactions are needed. As indicated by the accumulation of voltage-gated sodium (Na+) channels, the AIS forms from 2 days in vitro (DIV) until 7 DIV, at which time nearly all neurons contain voltage-gated Na+ channels and other AIS markers such as ankyrin G and βIV spectrin (Yang et al., 2007). The accumulation of ankryin G, an organizer of membrane domains in many cell types, at the axon hillock is the master switch leading to the formation of the AIS and triggers the recruitment of other AIS resident proteins (Rasband, 2010). For example, ankyrin recruits Na+ channels to the AIS via targeting motifs in the loop between domains II and III. The AIS also contains additional ion channels, other transmembrane proteins and a specialized cortical cytoskeleton organization which are all tethered, directly or indirectly, to ankyrin G (Rasband, 2010). It is currently unknown exactly how ankyrin G itself localizes to the axon hillock to initiate AIS formation. Importantly, ankyrin directly recruits βIV spectrin, another important scaffolding protein that links the AIS to the cortical actin cytoskeleton (Yang et al., 2007). The interaction with the underlying actin filament network is crucial to the integrity of the AIS. The disruption of actin filaments with the actin depolymerizing drug cytochalasin D uncouples Na+ channels from the AIS, resulting in reduced Na currents (Kole et al., 2008; Rasband, 2010). The high Na+ density is particularly important for the AIS since it facilitates the low threshold for generating an action potential, a defining feature of the axon.

In addition to its role as the start site for axonal electrical properties, the AIS serves another crucial function in neuronal polarization. AIS development marks a second phase of axon-dendritic segregation and subcompartmentalization by acting as a selective barrier for the lateral diffusion of membrane components and the intracellular diffusion of cytosolic proteins. AIS development underlies the polarized segregation of the membrane components that determine the function of the axon as distinct from the dendrites. The AIS forms (about 30–60 μm) at the base of the axon distal to the axon hillock where it begins to function to prevent the mixture of somatodendritic and axonal compartments. In Stage 3–4 neurons by 5 DIV, it begins to act as a selective cytoplasmic diffusion barrier (Song et al., 2009) and later (11 DIV) assumes its role to limit the lateral diffusion of lipids and proteins of the plasma membrane (Nakada et al., 2003). As discussed below, the function of ankyrin G and the AIS as a molecular fence is also essential for the maintenance of neuronal polarity. Like the AIS, nodes of Ranvier are formed by the same cytoskeletal network with ankyrin G as the master regulator. Functionally, nodes of Ranvier are very similar to the AIS, with high densities of voltage-gated ion channels underlying comparable electrical properties, such as the low threshold for generating action potentials. However, in contrast to the AIS, the development of the nodes of Ranvier depends on glia-derived signals, namely myelination (Girault and Peles, 2002).

The ability for a neuron to chemically transmit information to an effector cell, be it another neuron, an endothelial cell, or striated muscle, depends on a functional synaptic terminal. Different neurons may differ in the organization of their individualized synapses, but they are all variations of a common theme. Synaptogenesis – the formation of synaptic connections – occurs as a growth cone reaches its target and transforms into the presynaptic terminal, a process that requires the reorganization of the actin cytoskeleton. The growth cone loses filopodia, forms tight contacts with the postsynaptic terminal and begins accumulating synaptic vesicles. The formation and development of new synapses is reliant on F-actin rearrangements. In newly formed synapses of 5 DIV hippocampal neurons, actin depolymerization with latrunculin A abolishes presynaptic terminal integrity: synaptophysin clusters disappear, vesicle recycling is reduced, and ultrastructurally evident presynaptic terminals are no longer observed in axons (Zhang and Benson, 2001). Increasingly stable actin structures drive synaptic stabilization, while synapses with unstable actin structures are eliminated. In mature synapses, presynaptic scaffolding proteins such as Bassoon accumulate and maintain the integrity of synapses independently from F-actin, and actin structures play more of a background modulatory role in functional properties of synaptic transmission (Halpain, 2003). Not much is known about the role of microtubules in the presynaptic entity. However, it was shown in synaptic boutons of the drosophila neuromuscular junction that microtubules form a hairpin loop in the developing synapse and that this is necessary for synaptogenesis (Conde and Caceres, 2009; Hummel et al., 2000; Roos et al., 2000).

On the postsynaptic side of excitatory synapses, dendritic spines – specialized actin-based sites of postsynaptic signal transmission – are required for function of dendrites as signal receivers. Dendritic spines typically begin developing after 14 days in Stage 5 cultured hippocampal neurons (Craig and Banker, 1994). In vivo, there is a similar time-frame for dendritic spine development, beginning in the cortex shortly after dendrites have extended from the neuronal soma and concomitant with the arrival of afferents into their prospective receptive fields. The latter suggests that an intimate association of synaptic membranes triggers spine morphogenesis. Indeed, live-cell imaging studies show that dynamic filopodia extend from the shafts of dendrites, explore their surroundings and occasionally make contact with axons, initiating synapse formation and transforming into spines (Bhatt et al., 2009; Ziv and Smith, 1996). These movements of the filopodia and their transformation into spines occurs via actin-mediated rearrangements (Hotulainen and Hoogenraad, 2010). Once formed, spines continue to display activity-dependent dynamics. Spines occur in different morphologies and can transition between these morphologies in an actin-dependent manner, with the acquisition of a mushroom-type morphology being the strongest type of postsynaptic structure. Actin is organized into long and short branching filaments in the spine neck and shorter branching actin filaments in the spine head (Figure 2.4). Numerous actin-binding proteins have been identified that modulate spine shape and dynamics including cofilin, Arp2/3, and myosin (Hotulainen and Hoogenraad, 2010). In addition to organized actin filaments, spines contain membranous organelles, such as endoplasmic reticulum (ER) and the postsynaptic density which organizes receptors, adhesion proteins, channels, and signaling proteins in the postsynaptic membrane. More recently, microtubules have been shown to invade subsets of dendritic spines and regulate their dynamics (Hu et al., 2008; Jaworski et al., 2009). These invasions seem to be also dependent on neuronal activity and involved in synaptic plasticity.
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Figure 2.4 Trafficking during axonogenesis. In Stage 2 neurons there is uniform delivery of material to all the neurites. At this stage, all of the neurites have the potential to become the axon and have equal distributions of proteins, vesicles, and organelles. During the Stage 2–3 transition, there is increased bulk trafficking of organelles, axonal-specific proteins, and ribosomes into the presumptive axon. This supports the enlargement and dynamics of the growth cone. Continued polarized delivery of materials supports the elongation of the axon in Stage 3 neurons. Although there is some specific delivery of key axonal proteins, trafficking of many proteins is indiscriminate as many dendritic proteins can also be found in the developing axon. Only later are molecular sorting mechanisms more finely tuned to lead to segregation of dendritic cargo and the maturation of functional subdomains.






2.4 The Role of (Membrane) Trafficking During Neuronal Polarization

In order to support the extension of neurites, biomaterial must be delivered and incorporated into the growing processes. This biomaterial includes organelles, cytosolic proteins, components of the cytoskeleton, and vesicles delivering membrane proteins and lipids destined for different organelles or the neuronal plasma membrane. During neuronal morphogenesis, as the simple sphere of a Stage 1 neuron develops into the highly complex, reticular Stage 5 neuron with extremely long axons and elaborate dendritic trees, there is about a 200-fold increase in surface area (Pfenninger, 2009). The expansion and growth of a neuron in itself is impressive, but even more so is the discriminatory trafficking of distinct molecules to specific locations in the neuron. Accumulating evidence has pointed to a complicated hierarchical system regulating the specificity of trafficking (Figure 2.5). This entails layered and interdependent mechanisms that operate at different levels, interacting to contribute to molecular ‘sorting’ program.
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Figure 2.5 Trafficking in polarized neurons. (a) A mature, Stage 5 neuron has an axon and dendrites that are morphologically, molecularly, and functionally distinct. The distinct molecular repertoires of axonal and dendritic compartments are established during development and maintained via a sophisticated trafficking program. (b) Expanded region of a dendrite from panel (a). The general organization of microtubules and F-actin are depicted. Golgi outposts are common at branch points in dendrites. In the proximal dendrites, microtubules have a mixed orientation with plus ends and minus ends oriented distally. The orientation of microtubules gradually scales with dendritic length such that the distal dendrite is dominated by a plus-ends-distal orientation. (c) Conversely, the axon contains a uniform microtubule array with the majority of the plus ends oriented distally throughout the length of the axon. The axon initial segment is a subcellular F-actin-rich specialization of the axon that acts as a selective barrier separating the axon from the somatodendritic compartment. (d) Expanded region from panel (b) is shown. Trafficking mechanisms along microtubules in the proximal dendrites contributes to the specific sorting of dendritic cargos. The mixed orientations of microtubules are particularly important in dendritic sorting. The minus-end-directed motor dynein navigates microtubules specifically in dendrites in a bidirectional manner to deliver important cargo such as α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid (AMPA) receptors. Other studies implicate the plus-end-directed kinesin, KIF17 in dendritic targeting. Microtubule modifications also can affect the targeting of cargos in a mature neuron. Typically, microtubules in dendrites are tyrosinated and axon-specific motors such as kinesin 1 (KIF5) avoid tyrosinated tubulin and therefore do not enter dendrites. The binding of the microtubule-associated protein MAP2 may also influence motor-driven transport in dendrites. (e) Expanded region from panel (b) shows distal dendrite with a dendritic spine. The distal regions of dendrites have microtubule arrays where plus-end-distal orientations dominate. Kinesins, such as KIF17 likely transport dendritic cargo in the shaft of distal dendrites. Importantly, local transport occurs along actin filaments in cortical regions such as dendritic spines. The actin motor myosin V is involved in the local transport and delivery of AMPA receptors in neuronal dendrites by navigating toward the plus ends of actin filaments. (f) Expanded region from panel C displays microtubule transport and the role of the AIS in the axon. Specific kinesins, such as kinesin 1 (KIF5) navigate toward the plus ends of microtubules in axons. Microtubule posttranslational modifications in the axon such as detyrosination and acetylation help direct the attachment and movement of kinesin 1 along axonal microtubules. The binding of MAPs such as tau also can influence motor-based transport. The AIS located at the proximal axon is crucial for molecular sorting of axonal versus somatodendritic cargos. The AIS is composed of various scaffolding proteins including ankryin G and βIV specktrin which bind to and/or organize various components of the AIS. Actin filaments are tethered to the AIS and are essential for integrity of the AIS and maintaining its role as a diffusion barrier. The AIS acts to limits the lateral mobility of membrane components and the diffusion of cytosolic components, thereby segregating the axon from the somatodendritic compartment. At the AIS, microtubule-based axonal cargos, those carried by KIF5 for example, are allowed through, whereas dendritic cargos are prevented from entering the axon.



2.4.1 Trafficking During Early Neuronal Development

Early in neuronal development, however, the sorting program is not so sophisticated and the unspecific delivery of materials predominates to support the initiation and growth of nascent neurites. Simple, diffusion-based movements are an effective way for short-range transport of cytosolic material to supply materials supporting the extension of newly formed neurites (Popov and Poo, 1992). But even at these early stages, not all trafficking is completely diffusion based. The delivery and the exocytosis fusion of vesicles to the membrane does not rely on microtubule-based transport, but does seem to rely, at least partially, on active, actin-based transport mechanisms during neuritogenesis (Gupton and Gertler, 2010). Diffusion likely continues to play a role in the movement of materials at all stages of neuronal development, but, since diffusion is a promiscuous process, it acts in opposition to polarization. Therefore, neurons acquire strategies later in development to rein in the ambiguous influence of diffusion.

As the morphology of neurons becomes more complex, additional active mechanisms are harnessed to facilitate the directed delivery of membranous and cytosolic material to support the growth and differentiation of growing axons and dendrites. During axon initiation, the vectoral flow of material into the axon supports its elongation (Figure 2.4). This results in a semiselective transport with the accumulation of agents that support axon growth, but also results in the buildup of cargos considered dendrite specific in the nascent axon (Bradke and Dotti, 1997; Craig and Banker, 1994). The bulk flow of material supports the surface area expansion of the membrane and the increased cytosolic volume of the growing axon. Although there is some indiscriminant transport at these early stages of neuronal development, directly proceeding axon growth, there is specific accumulation of motors and proteins that support axon elongation (Arimura and Kaibuchi, 2007; Jacobson et al., 2006), suggesting that, in addition to diffusion and bulk flow, there are selective transport mechanisms at work early on. The kinesin motor Kif5C (kinesin-1) transiently explores multiple immature neurites of Stage 2 neurons, but then selectively remains in one before that neurite begins elongating into the axon (Jacobson et al., 2006). This observation suggests that the cargos transported by kinesin-1 may provide some impetus for axon initiation. In hippocampal neurons, the occurrence of anterograde ‘waves’ are correlated to axon growth and transport materials that support axon growth such as actin, the actin-binding protein cofilin, and shootin, a regulator of PI3K activity (Flynn et al., 2009; Ruthel and Banker, 1999; Toriyama et al., 2010). These waves are dynamic actin-based structures, moving at rates of slow axonal transport and may represent an alternative way to transport some intracellular proteins independent of microtubule motors during axon formation.

During axonogenesis retrograde diffusion of cytosolic proteins counteracts active transport and contributes to the tug-of-war type of periodic growth and retraction observed among neurites of Stage 2 neurons. The active transport of shootin via waves to one growth cone of Stage 2 neurons is correlated with a burst of growth. In Stage 2 neurons this accumulation is transient, due to the periodic and stochastic transport of shootin to all the processes and because diffusion back to the soma depletes the growth cone of shootin. However, as the axon forms, shootin accumulation is stabilized in the axonal growth cone via more preferential active transport (i.e., increased wave frequency) and because retrograde diffusion has less of an effect over long distances (Toriyama et al., 2010). The enrichment of other cytosolic constituents of the axonal growth cone likely follow a similar mechanism. Diffusion will continue to influence the distribution of cytosolic elements in developing neurons; however, the development of the AIS diffusion barrier limits the contribution of diffusion during later neuronal polarization (see Section 2.4.5).



2.4.2 Motor Protein-Based Transport in Axons and Dendrites

Other studies have shown polarized accumulation of specific proteins such as Par3/Par6/aPKC, Akt, Rho GTPases, and cytoskeleton-regulating proteins into the neurite destined to become axon during Stage 2, before it starts elongating. All of these proteins mediate axon initiation, so it seems that active transport mechanisms – perhaps kinesin-1-mediated transport or waves – are harnessed even at these early stages to achieve the specific accumulation of axon growth-promoting agents. But how are these transports directed to one compartment only?

The analogy of a ground transport company like the United Parcel Service (UPS) or FedEx can help understand the complexity of intracellular trafficking during neuronal polarization. In the neuron, the base of operations would be in the soma, including the sites of biosynthesis such as the ER and ribosomes and the secretory pathway, including the ER and Golgi apparatus. The highways in the neurons are the microtubule networks radially extending away from the somatic home base. The 18-wheelers that transport cargo long distances are the microtubule motors, kinesin and dynein. ATP is the gas. Local transport stations are sometimes utilized for more local shipments and, in neurons, dendritic Golgi outposts serve this purpose. In some cases there are also local roads near the destination, which in neurons are actin filament networks, and myosin motors are local transporters. The final destination of the cargo can be the cell membrane, a specific organelle or the cytoplasm. As with ground transport, sometimes the shipments go awry and are delivered to the wrong address and need to be sent back to the right location. The cell also has a mechanism for sending back or getting rid of unwanted material. At all levels along the transport pathway there is the possibility for regulation. This seems true in the neuron; complex layers of regulation ensure that the right materials are located in the right positions at the right times necessary for neuronal polarization. The following section discusses the single components of this trafficking system.

As fast and reliable ground transport depends on good highways and fast trucks with a certain destiny, polarized trafficking depends a lot on the motor-based transport of cargoes along microtubules (Goldstein and Yang, 2000; Hirokawa and Takemura, 2005; Figure 2.5). Microtubules are optimal highways for long-distance transport in neurons because they are long, rigid, and unbranched. Although individual microtubules do not extend the entire length of the neurites, the ends of adjacent microtubules overlap, providing a more-or-less continuous and easily accessible track for microtubule motors to drive along. These motors equate to the delivery trucks that carry cargo along the microtubule highways of the neuron. These motors actually ‘walk’ (rather than drive, see Gennerich and Vale, 2009, for details regarding the molecular mechanism of motors) in a directional manner, along the microtubules either toward the minus or the plus end of the microtubule. Therefore, one could imagine the selective transport of cargoes into dendrites with minus-end-directed motors, since dendrites are the only compartment with minus-end-distal microtubules (Black and Baas, 1989). As a matter of fact, selective transport of dendritic proteins is found in hippocampal neurons (Burack et al., 2000) and also minus-end-directed motors localize to dendrites like dynein and KIF2C (Hanlon et al., 1997; Kapitein et al., 2010; Saito et al., 1997). It was already shown that dynein is required for polarized transport into dendrites of Drosophila neurons (Zheng et al., 2008), which have in dendrites microtubules with a uniform minus-end-distal orientation opposite to the axon (Stone et al., 2008). A recent study extended this observation to hippocampal neurons and showed that dynein drives cargo selectively into dendrites (Kapitein et al., 2010). Furthermore, the authors showed by quantitative modeling that bidirectional dynein-driven transport on bipolar microtubules provides a potential mechanism for selective transport into dendrites. Plus-end-directed kinesins like kinesin-2/Kif17 that also bind specifically dendritic proteins and localize to dendrites (Setou et al., 2000) might be necessary for the cargo transport within the distal dendrite, which comprises a uniform plus-end-distal microtubule polarity. In conclusion, it seems that the bipolar organization of microtubules is key to selective transport into dendrites and, thus, for neuronal polarization (Figure 2.5).

Is the targeted transport into axons also based on the orientation of microtubules? An important consequence of the uniform plus-end-distal polarity of microtubules is that dynein-based transport is prevented in the axon. This already provides some targeting specificity. Another plus-end-directed microtubule motor, kinesin-1/Kif5, which is important for neuronal polarity, binds preferentially to axonal microtubules (Konishi and Setou, 2009; Nakata and Hirokawa, 2003). This preference actually precedes axon formation: the overexpressed motor domain enriches in the tip of the future axon shortly before axon formation starts (Jacobson et al., 2006). Furthermore, inhibition of the polarized transport by kinesin-1/Kif5 caused polarity defects in the neurons (Konishi and Setou, 2009). However, orientation of microtubules cannot explain this selective targeting during axon specification, because microtubules are uniformly oriented in all processes early at this stage (Baas et al., 1988; Stepanova et al., 2003). In a recent study, Konishi and Setou (2009) showed that it is not microtubule orientation, but rather microtubule modification that steers kinesin-1/Kif5 into the axon. They showed that tyrosination, a posttranslational modification of tubulin that occurs more frequently in dendrites, prevents kinesin-1/Kif5 to bind to these modified microtubules. Therefore, kinesin-1/Kif5 binds preferentially to detyrosinated microtubules, which are abundant in the axon, leading to axonal targeting of the motor. Consistently, inhibition of tyrosination or stabilization of microtubules abolished the polarized localization of the motor and caused the formation of multiple axons (Hammond et al., 2010; Konishi and Setou, 2009). Additional to the dendritic exclusion by tyrosinated microtubules (Konishi and Setou, 2009), posttranslational modifications of stable microtubules like acetylation, detyrosination, and polyglutamylation seem therefore to promote kinesin-1/Kif5 binding and transport into the axon (Hammond et al., 2010; Reed et al., 2006). Intriguingly, one of the cargo proteins of kinesin-1/Kif5 is CRMP-2, which brings necessary cytoskeleton regulators like WAVE-1 or tubulin into the axon (Kawano et al., 2005; Kimura et al., 2005). This could explain the polarity defects by inhibiting kinesin-1/Kif5 (Konishi and Setou, 2009). However, other kinesins also bring polarity regulators into the developing axon, like for example KIF3A transports APC (Shi et al., 2004) or the kinesin-like protein GAKIN transports PIP3 into the axon, whereby it regulates polarization (Horiguchi et al., 2006).

Microtubule-based transport is not the only cytoskeleton-based trafficking mechanism required for the establishment of neuronal polarity. If microtubules are the superhighways used for long-distance transport in the neuron, actin filaments are the local street system used for local delivery of some cargos to their final destination. In neurons, actin filaments are concentrated just underneath the membrane toward which they are oriented, in bundles or in a branching network. These actin ‘streets’ are also under a constant state of construction, extending some tracks while disassembling others over the course of seconds. These dynamic tracks are navigated by myosin motors, the local delivery trucks (Bridgman, 2009; Figure 2.5). The actin-based motor myosin Va is both necessary and sufficient to target transmembrane proteins, such as GluR1, to dendrites (Lewis et al., 2009). Other myosin motors have been shown to play a role in the local delivery of membrane-associated cargos into filopodia and dendritic spines (Bridgman, 2009).

The collective influence of the cytoskeleton is that a high degree of selective transport is based on cytoskeletal differences in axons and dendrites (Arnold, 2009; Kapitein and Hoogenraad, 2011). The polarization, orientation, and posttranslational modifications of microtubules impart integral differences in these highways that help direct traffic to different compartments of the neuron (Figure 2.5). By recognizing these differences in the microtubule highways, motors navigate them in a selective manner. The orientation and regulation of the local streets of the actin filament network also contribute to the delivery of cargos to specific locations. However, the regulation of the neuronal highways and local street systems (roadwork) is only the beginning of the sorting mechanisms at work in a polarized neuron.



2.4.3 The Secretory and Endosomal Pathway

In line with our transport analogy, the correct delivery of parcels includes the sorting of parcels according to their destiny and then their correct addressing. Similarly, the selective targeting of membrane proteins involves the recognition, sorting, and targeting of molecules to specific locales in the cell. Membrane proteins are typically sorted to the cell membrane via secretory and/or endocytic pathways. In developing neurons, the bulk of protein and lipid synthesis occurs in the soma (Pfenninger, 2009), highlighting the importance of a sorting program in which newly made materials are targeted to their appropriate destinations. This is also true in mature neurons; however, there is some peripheral biosynthesis occurring in distal neurites that can influence axonal growth and dendritic differentiation. After biosynthesis at the ER, proteins transit the Golgi apparatus and the secretory pathway via lipid enclosed vesicles. Lipids themselves, synthesized in the smooth ER, also enter the secretory pathway via the Golgi apparatus. There are three main mechanisms that are responsible for the selective targeting of membrane proteins that have been also adapted by neurons. First, membrane proteins can be selectively targeted to either axons or dendrites, via a sorting process at the trans-Golgi apparatus whereby they are packed into specifically targeted vesicles. This mechanism is reported for the insulin-like growth factor-1 receptor (IGF-1R) in the axonal growth cone (Pfenninger et al., 2003). The targeted transport of these vesicles will be then performed by axon selective motor proteins like kinesin-1. Second, proteins are targeted to one membrane domain, then endocytosed and redirected to their target membrane domain. This process, called transcytosis, was shown for the axonal cell adhesion molecule L1 (Hémar et al., 1997; Yap et al., 2008). Third, membrane proteins are not specifically targeted but are only retained at the specific location by scaffolding proteins or binding to other cells and everywhere else endocytosed and degraded. This process works for voltage-gated Na+ channels and Vamp2 (Garrido et al., 2001; Sampo et al., 2003). All of these processes rely on molecular ‘postal codes’ that assign the cargo to a particular localization.

For direct targeting of membrane proteins, specific amino acid motifs act as these postal codes, resulting in an intrinsic sorting mechanism targeting them to the plasma membrane or to intracellular organelles. In epithelial cells, these targeting signals help localize proteins via direct binding to coat protein components at the cytoplasmic face of membranes (Bonifacino and Traub, 2003). In neurons, transferrin receptors are specifically targeted to dendrites via a cytoplasmic tyrosine-rich motif (Burack et al., 2000). Interestingly, the transcytosis of the axonal cell adhesion molecule L1 also seems to be regulated by amino acid-based motifs. L1 contains a tyrosine-based signal, YRSLE, that mediates its targeting from the trans-Golgi network to the somadendritic domain (Yap et al., 2008). In addition to the somadendritic signal, L1 contains a 15 amino acid axonal signal in the cytoplasmic tail, both of which are necessary for the transcytotic pathway (Yap et al., 2008). A mutation of this tyrosin-based motif inhibits transcytosis and L1 is directly transported to the axon. As the YRSLE motif can be phosphorylated (Schaefer et al., 2002), cells could use that as a possibility to turn on and off the transcytotic pathway and therefore modulate L1 localization. In addition to the 15 amino acid signal stretch involved in transcytosis, L1 contains a second axonal targeting signal, consisting of extracellular fibronectin-like repeat motifs (Sampo et al., 2003). The reason why L1 comprises two sufficient axonal targeting signals, although they show additive effects, and what role the transcytosis pathway plays remains unclear.

Other types of postal codes are also employed to label the proteins for specific targeting including glycosylphosphatidylinositol (GPI) anchors, palmitoylation, and glycolization. For instance, palmitolyation of proteins, the addition of fatty acids to cysteine residues, plays an important role in the targeting of many proteins (Fukata and Fukata, 2010). The palmitoylation of PSD-95, for example, is essential for its postsynaptic targeting (El-Husseini et al., 2000) and is involved in synaptic plasticity (Noritake et al., 2009). In contrast, the palmitoylation of neural cell adhesion molecules (NCAMs) is necessary for axonal growth cone targeting (Ponimaskin et al., 2008). GPI anchors and palmitoylation have also been proposed to be important for the selective retention of the membrane proteins by interacting with lipid rafts (Allen and Chilton, 2009). The addition of new membrane proteins to the plasma membrane also requires the fusion of vesicle with the plasma membrane. This process adds another possibility to specifically target proteins as the fusion mechanism is highly specialized and precise. The vesicular soluble N-ethylmaleimide sensitive fusion proteins (NSF) attachment protein receptors (SNAREs) (SNAP receptors) bind only to the complementary target SNARE at the plasma membrane and thereby restrict fusion to specific sites (Jahn and Scheller, 2006). The expression, functional role, and specific localization of the more than 35 mammalian SNAREs is not clear yet. The vesicle docking before membrane fusion is mediated by Rab proteins, a family of more than 60 proteins that also bind only to specific molecules at the target membrane, adding yet another targeting mechanism (Stenmark, 2009). These small GTPases can recruit specific motors as it was shown that Rab3-containing vesicles recruit Kif1Bβ and Kif1A motors via the linker protein DENN/MADD for axonal transport (Niwa et al., 2008). Furthermore, Rab27 regulates the axonal transport of TrkB via Slp1/CRMP-2 and kinesin-1 (Arimura et al., 2009).

All the vesicles of the secretory pathway emerge out of the Golgi apparatus. In young neurons, the Golgi apparatus is localized adjacent to the emerging axon and is necessary for axon growth as its disruption inhibits axon growth (de Anda et al., 2005; Jareb and Banker, 1997). In maturing hippocampal neurons, the Golgi changes position following axonogenesis: in Stage 4 neurons it rotates around the cytoplasm to reside at the site of apical dendrites, where it will remain for the duration of a neurons life (Horton et al., 2005). Furthermore, as dendrites increase in complexity they form Golgi outposts at dendritic branch points, where they are actively engaged in post-Golgi trafficking. In fact, dendrites contain ribosomes, ER and functional ER exit sites (Gardiol et al., 1999; Horton and Ehlers, 2003), which are found together with Golgi outposts, meaning that dendrites contain all the components for a local secretory pathway. The localization of mRNAs in dendrites further suggests that all the ingredients are present for local protein biosynthesis (Bramham and Wells, 2007). Indeed, the plasma membrane contains both lipids and proteins generated locally in dendrites (Ye et al., 2006). This is likely to support the intensified development of the dendrites at these later stages of development. The disruption of Golgi integrity with brefeldin-A in Stage 4 neurons decreases dendritic growth, arborization, and the accumulation of dendrite-specific molecules (Horton et al., 2005). Even in more mature Stage 5 neurons, inhibition of Golgi dynamics reduces dendritic length. Further, in vivo laser ablation of Golgi outposts retard dendrite growth (Ye et al., 2006). These studies all indicate that a local protein synthesis and a local secretory pathway is crucial to dendritic differentiation (Figure 2.5).



2.4.4 RNA Transport and Local Translation

Local protein synthesis in dendrites requires the presence of mRNA. Thus, the transport of mRNA is crucial for both dendritic growth and remodeling. Local translation is not unique to dendrites alone, as growing axons also contain mRNAs and exhibit local translation, which is of importance for guided axon growth (Lin and Holt, 2008). The closest ground transport analogy for RNA transport would be receiving something (e.g., furniture) that requires assembly. You receive this unfunctional item in nice protective packaging and have to unwrap it, and assemble it: luckily you have all the tools you need. The neuron also sends incompletely assembled material in the form of mRNAs, and it also has the tools it needs in axons and dendrites to locally translate that mRNA into functional proteins.

mRNA transport is complex and involves different types of RNA-binding protein complexes, or granules, such as ribonucleoprotein particles (RNPs) serving as the protective packaging for transport (Bramham and Wells, 2007). These RNPs bind mRNAs and sequester them from translation machinery in the soma and are necessary for their transport into axons and dendrites. In axons, local mRNA translation has been demonstrated to modulate chemotropic responses during growth cone guidance (Lin and Holt, 2008). For example, the binding of β-actin mRNA translation to zipcode-binding protein 1 (ZBP1) regulates growth cone motility (Zhang et al., 2001) and attractive growth cone turning (Yao et al., 2006). In lower motor neurons, the binding and transport of β-actin mRNA with heterogeneous RNP-R and survival motor neuron 1 (SMN1), the gene deleted in the developmental disorder spinal muscular atrophy, facilitates axon growth (Rossoll et al., 2003). In dendrites, the transport and local translation of mRNAs encoding cytoskeletal proteins, neurotransmitter receptors, scaffolding proteins, and signaling enzymes play a role in activity-dependent synaptic plasticity, such as long-term potentiation (LTP) (Bramham and Wells, 2007). The movement kinetics and sensitivity of RNP–mRNA complexes to nocodazole indicated that microtubules motors transport RNPs in dendrites. Thus far, only the conventional kinesin, KIF5 has been specifically implicated in the transport of RNPs with mRNAs targeted to dendrites, such as the α-subunit of calcium/calmodulin-dependent kinase II (αCaMKII) (Kanai et al., 2004; Ohashi et al., 2002). Whether in axons or dendrites, the directed transport and local translation of mRNA has important and specific roles at different locales during neuronal development. The local transport and translation of proteins may also coordinate with local protein degradation to control the localization and activity of proteins in specific compartments of neurons (Segref and Hoppe, 2009).



2.4.5 Barriers for the Segregation of Functional Domains

As discussed above, the development of the AIS is a key developmental event enabling the distinct compositions of axonal and dendritic compartments. The AIS represents a molecular wall in the neuron that separates the functionally distinct axon from the somatodendritic compartment (Figure 2.5). However, the wall is more like a molecular sieve or fence, acting more as a selective barrier than an impassible barricade, allowing some molecular crosstalk between the two sides, but still maintaining the functional integrity of the distinct compartments. The AIS serves as both a barrier for membrane constituents and intracellular components in the cytosol.

In the analogy to ground transportation, the AIS can be likened to the customs officials, at the borders of two sovereign nations, checking if the appropriate documents are in place to warrant passage between the two domains. Materials with the proper credentials are allowed entry into the axon, while those without remain in the somatodendritic domains. Likewise, once inside the axonal compartment, exit is prohibited except for the occasional rogue breakout. What are the credentials? It seems there are a few contributing factors that the AIS recognizes to filter material into the axon including molecular size, cargo type, and motor–cargo interactions.

The ability of the AIS to act as both a membrane diffusion barrier and cytoplasmic barrier depends on ankyrin G and intact actin filaments. Indeed, the accumulation of F-actin at the AIS correlates to its ability to act as a diffusion barrier. Moreover, the destabilization of actin results in the redistribution of cytoplasmic molecules and increases the motility of membrane components through the AIS (Song et al., 2009; Winckler et al., 1999). Concurrent with the appearance of the AIS, there is a selective redistribution of the NMDA receptor into the somatodendritic compartment. The vesicles that carry NMDA receptor subunits are stalled at the AIS, while other vesicles carrying the axonal synaptic vesicle protein VAMP2 are not impeded. This selectivity is determined in part by the interactions of different kinesins with their specific cargos. For example, KIF17 and KIF5B transport NR2B and VAMP2, respectively. The movement of KIF17 is impeded through the AIS whereas the movement of KIF5B is not. This depends on the cargo or cargo-binding regions of the kinesins since the motor domains of KIF17 or KIF5B are distributed throughout the neuron. Interestingly, swapping the cargo-binding tail domains of KIF5B and KIF17 can redistribute NMDA receptors to the axon in addition to the somatodendritic compartment (Song et al., 2009). Likewise, swapping the tail domain of KIF5B for KIF17 redistributes VAMP2 to the somatodendritic compartment in addition to the axon. These observations, as well as the fact that KIF5 can carry both axonal and dendritic cargos, suggest that cargo–motor interactions play a role in axon–dendritic targeting as mediated by the selectivity filter at the AIS. However, how the cargo is recognized by the AIS is still unclear. Axonal exclusion mechanisms based only on the cargo size seem not to be involved as experimentally manipulated cargo transport by KIF17 predominantly targets the axon (Kapitein et al., 2010).



2.4.6 Protein Stabilization and Degradation

As with postal delivery, the trafficking system in neurons occasionally sends packages to the wrong address. When this package is, for example, an axonal-specific protein that could adversely affect dendritic function, the neuron needs to get rid of it. One option is to forward the misrouted material to its appropriate destination. Indeed, this can occur via transcytosis which helps establish polarized membrane domains. Alternatively, this unwanted material can be marked for destruction. To this end, the neuron harnesses the temporal and spatial control of protein turnover by the ubiquitin-proteassome system (UPS – not to be confused with the UPS). This is not only a mechanism to get rid of missorted proteins, but also seems to serve as a rather specific way to localize proteins at their site of action. The development and maintenance of neuronal polarity critically depends on this local regulation of protein degradation.

The UPS pathway is the main protein degradation pathway in eukaryotes and influences diverse cellular processes including cell-cycle progression, cell growth, polarity, cellular signaling, and apoptosis (Segref and Hoppe, 2009). In response to a variety of signals, the UPS engages the sequential activation of Ub-activating enzymes (E1), Ub-conjugating enzymes (E2), and Ub ligases (E3), resulting in the conjugation of the small protein, ubiquitin to lysine residues in targeted proteins. The subsequent tagging of the initial ubiquitin with at least four ubiquitins (polyubiquitylation) targets the protein for destruction via proteolysis mediated by the proteasome (Welchman et al., 2005). In addition to the degradation pathway, ubiquitination can also mediate other cellular behaviors, such as endocytosis and signaling.

During neuronal development, the UPS pathway is crucial to the establishment of neuronal polarity. Treatment of developing neurons with specific inhibitors of the UPS or via the expression of a dominant negative ubiquitin leads to a loss of neuronal polarity and the formation of multiple axons (Yan et al., 2006). In these studies, the protein kinase Akt was identified as a particularly important target for selective degradation in developing dendrites during neuronal polarization. Akt is known to be involved in signaling pathways leading to the induction of axon formation (Arimura and Kaibuchi, 2007). The selective degradation of inactive Akt in the neurites leads to the polarized distribution of active Akt in one neurite, which becomes the newly formed axon. The Rho GTPase Rap1b, which induces axonogenesis via cdc42 activation (Schwamborn et al., 2006), shows a similar UPS-dependent regulation. The enrichment of Rap1b to the nascent axon depends on the activity of the ubiquitin ligase Smurf-2, which leads to its degradation in the minor processes (Schwamborn et al., 2007). In the cases of Akt and Rap1B, ubiquitylation and degradation lead to the enrichment of these proteins in the developing axon. Conversely, proteins refractory to axon growth can be marked for degradation specifically in the axon and retained in the developing dendrites. Indeed, this is the case for Lim kinase, which phosphorylates and inactivates cofilin, whose activity is necessary for actin turnover during axonogenesis. The ubiquitin ligase Rnf6 targets Lim kinase for destruction specifically in the axon (Tursun et al., 2005) and this could contribute to increased cofilin activation in the developing axon. More recently, the E3 ubiquitin ligase TRIM2 was also shown to regulate neuronal polarization (Khazaei et al., 2011). Ubiquitin and protein degradation are also important in later events of neuronal development, such as dendritic remodeling (Kuo et al., 2005), axon guidance (Campbell and Holt, 2001), and synapse formation (DiAntonio and Hicke, 2004).

How exactly the UPS is synchronized at specific locales in neurons is unclear. It could be regulated directly at the level of the UPS system, by the (in)activity of the inappropriately localized protein, or may also be coupled with mRNA transport and local translation (Segref and Hoppe, 2009). Regardless of how its function is coordinated, local protein degradation is crucial for the development of neuronal polarity.




2.5 Maintaining Neuronal Polarity

A particularly wondrous feature of the nervous system is its resilience. Generally, neurons are born during embryonic and early postnatal development, develop into functional units of the nervous system and remain stable and active for the lifetime of an organism – which in humans can exceed 100 years. Neurons must retain their polarization to ensure the function of the nervous system. This entails a complete generation and reincorporation of all biological components of a neuron every few weeks. With this constant biosynthesis of proteins, lipids, carbohydrates, and nucleic acids mechanisms are in place to organize the appropriate localization to ensure the uninterrupted function of a polarized neuron. Clearly, this continued maintenance of neuronal polarity is important to an aging organism. Indeed, in humans, the breakdown of subcellular compartmentalization may underlie neurodegenerative diseases such as ALS leading to severe neurological impairment and even death (Kanning et al., 2010; Maussion et al., 2008; Rasband, 2010). Some of these maintenance mechanisms are simply the continued usage of developmental programs that remain active throughout the life of a neuron. Other mechanisms are constituted as neurons mature, further ensuring the fidelity of subcompartmentalization in functional neurons.

The maintenance of polarization is achieved, substantially, by the cytoskeleton. As discussed above, cytoskeletal specializations such as the AIS are crucial for the segregation of functional domains of neurons. The integrity of the cortical actin structure, ankryin G levels, and the density of Na+ and K+ channels of the AIS is essential for the continuous functioning of mature neurons. When ankyrin G is downregulated in mature neurons, the axon becomes dedifferentiated, with a proximal loss of Na+ channels and βIV spectrin, and reprogrammed with dendrite-like features, including increased levels of the dendritic proteins MAP2, and the K+/Cl− transporter (Hedstrom et al., 2008). The disruption of the AIS via ischemia causes proteolysis of ankyrin G and βIV spectrin resulting in a loss of Na+ channels and a disruption of neuronal polarity (Rasband, 2010). Purkinje neurons deficient in ankyrin G exhibit functional dendritic spines on their axons, demonstrating the requirement for the AIS in axon–dendrite identity (Sobotzik et al., 2009). Reduced ankyrin G and AIS function has also been linked to cognitive disorders such as schizophrenia (Cruz et al., 2009; Rasband, 2010).

Interestingly, mature neurons display an amazing degree of plasticity with regard to neuronal polarization, and this plasticity may depend on the integrity of the AIS. As discussed above, axonal injury to functionally mature neurons can reprogram an existing dendrite to transform into an axon, depending on the site of the injury (Gomis-Ruth et al., 2008). Whether the original axon regenerated or a dendrite converted into an axon depended on the lesion site: proximal lesions closer than 35 μm from the cell body resulted in dendrite reprogramming, whereas more distal lesions resulted in axon regrowth. The localization of this switch is correlated to microtubule stability, as it demarcates where microtubules distal to the lesion are more stable and where microtubules proximal to the lesion are similar to dendritic microtubules (Gomis-Ruth et al., 2008). Since the transport of axonal cargo by kinesin-1 relies on differences in microtubule stability, the loss of stable microtubules may reinitiate an ‘axon lottery,’ allowing a preexisting dendrite to transform into an axon. Alternatively, the fate switch may be related to the AIS. The 35 μm proximity of the fate-switching lesion is coincidentally close to the AIS. Thus, in these axotomy experiments, axon–dendritic fate could relate to a loss of the AIS and therefore a loss of polarity maintenance (Schafer et al., 2009). In at least one example, the plasticity of neuronal polarity may be beneficial during traumatic injury to the nervous system. Following spinal cord injury of adult felines, commissural spinal neurons have been observed to transform dendrites into axons that can then grow through the injury site (Fenrich and Rose, 2009; Fenrich et al., 2007). This plasticity and reorganization of neuronal polarity could lead to the compensatory formation of adaptive neural circuits following such injuries.

Next to the AIS, the selective targeting of proteins is also necessary to maintain neuronal polarity. This is either done by selective retention of membrane proteins or by selective transport maybe mediated by the different axonal and dendritic microtubule arrays (Kapitein et al., 2010). However, the mechanisms of selective trafficking are tailored during development, reaching their peak in specificity in mature neurons (Ledesma and Dotti, 2003).



2.6 Future Work on Neuronal Morphogenesis

The majority of our current understanding about the mechanisms underlying neuronal polarization is from work in neuronal cultures (Arimura and Kaibuchi, 2007). One challenge for the field is to verify and extend these finding in vivo. Recent work has boldly begun to characterize neuronal development in vivo and ex vivo (Barnes et al., 2008; De Anda et al., 2010; Noctor et al., 2004) and explored the mechanisms in vivo with in utero and ex utero electroporation studies and using genetically modified organisms (Hand et al., 2005; Tahirovic et al., 2010). Future work will also need to continue to identify the physiologically relevant players in neuronal polarization. For the actin cytoskeleton, there are various actin-binding proteins that are highly expressed during neuronal morphogenesis, but remain uncharacterized. The same is true of microtubule-regulating proteins. Another particularly contentious issue is how cytoskeletal subunits are generated and transported during neuronal polarization. For example, microtubules were traditionally believed to be nucleated exclusively at the centrosome and then released and transported to support axon growth (Bass and Karabay, 2005). However, recent work has contested this view by showing that axon growth (which is dependent on microtubule nucleation) can occur independently from a centrosomal-based mechanism (Stiess et al., 2010). In addition, the advances of recent years have tremendously improved our understanding of selective transport based on cytoskeletal differences in axons and dendrites (Arnold, 2009; Kapitein and Hoogenraad, 2011). However, we are still only beginning to fully understand this process. For example, in the early phase of polarization we have only knowledge about kinesin-1/kif5 and with respect to the extensive amount of different motors involved in axonal transport we are just starting to piece the puzzle of polarized transport together.

Furthermore, axon development occurs in a highly directed manner in vivo as compared to in culture, which proceeds in a stochastic manner, indicating the influence of extracellular cues in the determination of neuronal polarization (Yi et al., 2010). Future work will need to elucidate the role of additional extracellular factors in neuronal polarization and how they affect the regulation of the cytoskeleton and intracellular trafficking. Yet another challenge for the future is to determine if differences in the mechanism underlying neuronal polarization are different in the diverse neuronal subtypes in the body. The majority of our knowledge comes from hippocampal, cortical, and cerebellar neurons (Barnes and Polleux, 2009; Tahirovic and Bradke, 2009), but less is known regarding the polarization of peripheral neurons, interneurons, and spinal cord neurons. Are similar mechanisms at work in diverse neurons? We already see some similarities and differences in cerebellar and hippocampal neurons, which may reflect their unique morphologies and functions in vivo. It will be interesting to see how the mechanisms of overlap differ in different neuronal systems.

Finally, axon regrowth following pathological conditions or traumatic injury may use the same intrinsic factors that govern axon formation and growth during development. In the case of spinal cord injury, the manipulation of some regulators of axon growth, including regulators of the cytoskeleton, can indeed promote some axonal regeneration (Hellal et al., 2011; Kwon et al., 2002). Conditioning lesions to peripheral nerves are correlated to increased axonal transport and this is one of the requirements necessary to support axon regeneration (Hoffman, 2010). Therefore, the elucidation of cytoskeletal and trafficking mechanisms underlying axon growth (and neuronal polarization) during development could reveal alternative targets for promoting axon regeneration following CNS injury or disease.
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